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Damage to the central nervous system (CNS) of fish can often be repaired to restore function, but inmammals re-
covery from CNS injuries usually fails due to a lack of axon regeneration. The relatively growth-permissive envi-
ronment of the fish CNS may reflect both the absence of axon inhibitors found in the mammalian CNS and the
presence of pro-regenerative environmental factors. Despite their different capacities for axon regeneration,
many of the physiological processes, intrinsic molecular pathways, and cellular behaviors that control an axon's
ability to regroware conservedbetweenfish andmammals. Fishmodels have thus beenuseful both for identifying
factors differing betweenmammals and fish thatmay account for differences in CNS regeneration and for charac-
terizing conserved intrinsic pathways that regulate axon regeneration in all vertebrates. The majority of adult
axon regeneration studies have focused on the optic nerve or spinal axons of the teleosts goldfish and zebrafish,
which have been productivemodels for identifying genes associatedwith axon regeneration, cellularmechanisms
of circuit reestablishment, and the basis of functional recovery. Lampreys, which are jawless fish lacking myelin,
have provided an opportunity to study regeneration of well defined spinal cord circuits. Newer larval zebrafish
models offer numerous genetic tools and the ability to monitor the dynamic behaviors of extrinsic cell types reg-
ulating axon regeneration in live animals. Recent advances in imaging and gene editing methods are making fish
models yet more powerful for investigating the cellular and molecular underpinnings of axon regeneration.

© 2016 Elsevier Inc. All rights reserved.
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1. Introduction

Fish, our distant vertebrate cousins, are at least as vulnerable as
we are to injuries, but their nervous systems have a greater capacity
to regrow axons, repair circuits, and recover function. Despite the
difference in regenerative ability between mammals and fish, many
of the molecular and cellular pathways that regulate axon regenera-
tion are conserved. Fish models have already provided insight into
shared mechanisms of axon regeneration and new techniques prom-
ise to make them even more powerful systems for investigating how
molecules and cells regulate neural repair.

Adult fish regeneration models, which have been established for
decades, and the more recently developed larval zebrafish model,
have distinct experimental advantages (Table 1). The robust regen-
eration of optic nerve (ON) and spinal cord axons in larval lamprey
and adult goldfish and zebrafish has been exploited to identify fac-
tors that promote successful regeneration in the central nervous sys-
tem (CNS). By contrast, most studies using the larval zebrafishmodel
have focused on axon regeneration in the peripheral nervous system
(PNS). The amenability of larval zebrafish to live imaging and genetic
manipulation makes them ideal for studying dynamic behaviors of
regenerating axons and extrinsic cell types. Adult and larval fish
both have well-defined circuits and stereotyped behaviors, facilitat-
ing studies of the cell biology underlying axon regrowth and synapse
reestablishment, and making it possible to address how anatomical
regeneration relates to functional recovery.

Here we review four aspects of axon regeneration studies in adult
and larval fish models. First, we discuss efforts to answer one of the
most fascinating questions about axon regeneration in the adult
fish CNS—why is it so much more successful than axon regeneration
in the mammalian CNS? Second, we describe studies of intrinsic
growth pathways in fish, which have demonstrated that the molecu-
lar basis of axon growth is conserved between fish and mammals.
These studies have also identified newmolecules associated with re-
generative axon growth, providing candidate targets for therapeutic
interventions. Third, we review studies in both adults and larvae that
assessed the success of functional recovery and mechanisms of cir-
cuit re-establishment. Finally, we discuss what has been learned
from fish models about interactions of non-neuronal cells with
regenerating axons. These studies, many using live imaging in larval
zebrafish, have uncovered new roles for extrinsic cell types in PNS
axon regeneration and have the potential to reveal much more
about dynamic cell behaviors during axon regeneration in both the
PNS and CNS.
Table 1
Fish models to study axon regeneration.

Organism Axon models Pros

Larval sea lamprey
(Petromyzon marinus)

Spinal cord ● Basa
● Flat
● Larg
● Qua

Adult goldfish (Carassius auratus) Optic nerve, spinal cord ● Wel
● Wel

Adult zebrafish (Danio rerio) Optic nerve, spinal cord, motor neurons,
posterior lateral line nerve (pLLn)

● Incr
● Gen

tran

Larval zebrafish (Danio rerio) Optic nerve, spinal cord, motor neurons,
pLLn, somatosensory neurons

● Num
● Man
● Live
● Easi
2. Why do axons regenerate so well in the fish CNS?

What underlies the disparate regenerative abilities of mammalian
and fish CNS axons? Exposing mammalian axons to cells of the fish
CNS, or fish axons to cells of the mammalian CNS, can distinguish
whether differences in regeneration are attributable to neurons them-
selves or to their surrounding environment. Regenerating axons of
both mammalian and fish neurons are repelled by mammalian oligo-
dendrocytes and myelin (Bandtlow et al., 1990; Bastmeyer et al.,
1991; Fawcett et al., 1989) but both can grow in the presence of fish ol-
igodendrocytes or fish CNS conditioned media (Bastmeyer et al., 1991,
1993; Schwalb et al., 1995; Schwartz et al., 1985; Wanner et al., 1995).
Thus, just as factors in the environment of the mammalian CNS and PNS
account for differences in the success of axon regeneration (David and
Aguayo, 1981), distinct factors in the mammalian and fish CNS environ-
ment account formuch of their difference in axon regeneration. Three ex-
planations for the more growth-permissive environment of the fish CNS
have been proposed: the absence of inhibitory cues, the presence of fac-
tors that block inhibitory cues, and the presence of pro-growth factors.

2.1. Are inhibitory factors present in the fish CNS?

The adult mammalian CNS contains multiple molecules inhibito-
ry to axon growth, including myelin proteins, ECM proteins such as
chondroitin sulfate proteoglycans (CSPGs) and Tenascins, and
chemorepulsive guidance cues (reviewed by Giger et al., 2010). The
mammalian myelin proteins RTN4-A/Nogo-A, myelin-associated
glycoprotein (MAG), and oligodendrocyte myelin glycoprotein
(OMgp)—all of which have homologs in the zebrafish genome
(Lehmann et al., 2004; Shypitsyna et al., 2011; our unpublished
observations)—activate the growth-inhibiting Nogo receptor (NgR)
complex on regenerating axons (Giger et al., 2010). Although func-
tional studies of fish MAG and OMgp have not been reported,
zebrafish Nogo-A homologs have been studied biochemically and ge-
netically. Purified mammalian Nogo and MAG inhibit the growth of
fish axons (Abdesselem et al., 2009; Chen et al., 2013), but the fish
homolog of the mammalian Nogo-66 domain, which is responsible
for growth inhibition in mammals, does not affect growth of fish or
mammalian axons (Abdesselem et al., 2009). Zebrafish Nogo-66 can
bind to mammalian NgR but fails to activate downstream signaling
(Abdesselem et al., 2009), suggesting that zebrafish Nogo-A and its
mammalian counterpart may have functionally diverged from each
other (Abdesselem et al., 2009; Shypitsyna et al., 2011). Further evi-
dence for functional divergence comes from studies of Rtn4b, a fish
Cons

l vertebrate lacking myelin
, translucent spinal cord facilitates microscopy
e, easily identifiable neurons
ntifiable swimming behaviors

● Lack of genetic tools
● Lack of live imaging
● “Developmental” environment

l-described anatomy, electrophysiology
l-characterized behaviors

● Lack of genetic tools
● Live imaging difficult

easing number of transgenic tools
etic models possible (mutants, inducible
sgenes, implantable morpholinos)

● Live imaging difficult

erous transgenes
y genetic tools
imaging
ly quantifiable behaviors

● “Developmental” environment
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Nogo-A homolog. Whereas loss of mammalian rtn4 results in only
subtle developmental defects andmay ormay not improve axon regen-
eration (Kim et al., 2003; Simonen et al., 2003; Zheng et al., 2003),
knocking down zebrafish rtn4b causes severe brain and spinal cord ab-
normalities and larval lethality (Pinzón-Olejua et al., 2014). Surprising-
ly, knocking down rtn4b in the adult zebrafish ON reduces, rather than
enhances, axon regeneration (Welte et al., 2015), indicating that it does
not act as an inhibitory factor in fish.

The glial scar created by reactive astrocytes is anothermajor obstacle
to regeneration in the mammalian CNS (Giger et al., 2010). Astrocytes
(and other cell types) in the glial scar deposit several axon inhibitory
molecules at the injury site, including CSPGs (Katoh-Semba et al.,
1995; McKeon et al., 1999; Tang et al., 2003). Although there are some
reports to the contrary (Alunni et al., 2005; Battisti et al., 1995; Kawai
et al., 2001), the fish CNS is thought to lack astrocytes (reviewed by
Lyons and Talbot, 2015). Accordingly, immunostaining experiments in
adult zebrafish found that CSPGs were unchanged at the lesion follow-
ing ON injury (Becker and Becker, 2002). Although CSPG levels were
not altered by injury, they were expressed at the edges of the optic
tract, and enzymatic degradation of CSPGs resulted in pathfinding errors
by regenerating axons (Becker and Becker, 2002). Thus, like in
mammals, CSPGs are growth-inhibitory in fish; however, they are likely
produced by non-astrocyte cell types and may help guide axons rather
than block their growth (Becker and Becker, 2002).

Tenascins, another family of conserved ECM glycoproteins found at
glial scars, can also regulate axon growth. Inhibition of Tenascin-C in
zebrafish results in motor axon guidance defects during larval stages
(Schweitzer et al., 2005) and improves axon regeneration and recovery
of swimming behavior after spinal cord injury in adults (Yu et al.,
2011b), indicating that the CNS environment of fish does not complete-
ly lack inhibitors of axon regeneration. Tenascin-R acts as an inhibitory
guidance molecule during initial development of the ON (Becker et al.,
2003) and in adults is expressed at the margins of the optic tract
(Becker et al., 2004b). Thus, similar to CSPGs, Tenascin-R may play a
role in guidance during axon regeneration (Becker and Becker, 2002).

2.2. Inhibitors of inhibitory factors in the CNS?

Another way in which the fish CNS could, in principle, support axon
regeneration is by expressing factors that neutralize glial inhibitory cells
or proteins. Indeed, conditionedmedia from regenerating goldfish optic
nerves (but not from uninjured fish nerves) was found to promote
growth of mammalian axons (Schwartz et al., 1985) and decrease the
number of rat oligodendrocytes in culture (Cohen et al., 1990). An anti-
body to an interleukin-2 (IL-2)-likemolecule abrogated the effect offish
conditioned media on oligodendrocytes, and recombinant mammalian
IL-2 mimicked its effect (Eitan et al., 1992). The cytotoxic effect of IL-2
depends on its dimerization, which is promoted by the activity of a
transglutaminase enzyme (Eitan and Schwartz, 1993). Remarkably,
injecting transglutaminase into the ON of adult rats improved axon re-
generation and recovery of light-evoked responses (Eitan et al., 1994).
These findings prompted Schwartz and colleagues to propose that dam-
aged fish nerves secrete an IL-2-like factor toxic to oligodendrocytes,
thus allowing regenerating axons to avoid oligodendrocyte-derived
inhibitory factors. Although there is no definitive in vivo evidence that
oligodendrocytes near injury sites die in fish, this series of studies at
least raised the conceptually important possibility that natural antago-
nists of axon growth inhibitory molecules or cells may contribute to
the favorable growth environment of the fish CNS.

2.3. Do positive cues promote axon regeneration in the fish CNS?

Molecules secreted by the regenerating fish ON affect not only oligo-
dendrocytes but also neurons directly. Among these are two distinct
biochemically identified factors, Axogenesis Factor (AF)-1 and AF-2,
which promote axon growth in cultured fish retinal ganglion cells
(RGCs) (Schwalb et al., 1995). AF-1 is secreted by glial cells (Schwalb
et al., 1996), requires the activity of a purine-sensitive signaling path-
way (Petrausch et al., 2000), and activates expression of several
growth-associated proteins (GAPs) (Petrausch et al., 2000). Biochemical
purification identified AF-1 as the carbohydrate mannose, which can
also promote the growth of rat RGCs in a cyclic AMP (cAMP)-dependent
manner (Li et al., 2003).

A screen for cDNAs differentially expressed in damaged and undam-
aged goldfish ONs identified the retinol-binding protein Purpurin as an-
other positive regulator of ON regeneration (Matsukawa et al., 2004b).
Purpurin is required during initial eye development in zebrafish
(Nagashima et al., 2009a, 2010), and is upregulated in the retina of
both goldfish and zebrafish after injury (Matsukawa et al., 2004b;
Tanaka et al., 2007). Treating an uninjured goldfish ON with Purpurin
promoted axon growth (Matsukawa et al., 2004b). Kato and colleagues
propose that Purpurin secreted by photoreceptors after injury acts as a
retinal transporter and promotes ON regeneration by providing RGCs
with retinoic acid, which activates pro-growth transcriptional
programs (Kato et al., 2013; Nagashima et al., 2009b). The potential
involvement of factors like Purpurin and mannose in ON regenera-
tion suggests that the more felicitous environment for regeneration
in the fish CNS may result not only from the lack of inhibitory mole-
cules or cells, but also from the presence of positive factors. Some of
these factors may merit consideration as potential therapeutics for
CNS injuries.

3. Intrinsic pathways regulating axon regeneration in fish

An axon's ability to regenerate is determined not just by factors in its
environment, but also by the activity of intrinsic growth pathways
(reviewed by Liu et al., 2011). These intrinsic pathways may contribute
to the differing success of axon regeneration inmammals and fish, but it
is unlikely that a single, consistent distinction between fish and mam-
malian growth pathways explains the better regeneration of fish CNS
axons. Despite the relatively permissive environment of the fish CNS,
central axons in fish exhibit widely varying capacities to regenerate
(Fig. 1A) (Becker et al., 1997, 2005; Bernstein and Gelderd, 1970;
Davis and McClellan, 1993; Rovainen, 1976; Selzer, 1978; Sharma
et al., 1993), implying that the activity of intrinsic growth pathways
varies even among fish neurons. Moreover, most of the same growth
pathways that affectmammalian axon regeneration also affect regener-
ation of fish axons. Thus, differences in intrinsic growth pathways be-
tween fish and mammalian neurons may be quantitative differences
in their activity, rather than qualitative differences in their molecular
nature. Since it is possible to measure both increases and decreases in
axon regeneration in fish, fish models may be particularly suitable for
identifying these pathways and investigating how they interact.

3.1. Physiological regulators of axon regeneration

The state of intrinsic growth pathways in any particular neuron is
not immutable, but is modulated by the physiological state of the cell
or the animal. In most animals, for example, age reduces the success
of axon regeneration (Goldberg and Barres, 2000; Liu et al., 2011),
reflecting downregulation of pathways that promote axon growth and
upregulation of pathways that inhibit it. In a study of adult goldfish,
Bernstein (1964) demonstrated this phenomenon with physiological
recordings, anatomical tracing, and behavioral analyses: 1-year-old
goldfish recovered from spinal cord transection more rapidly than 2-
year-old fish, which in turn recovered more rapidly than 3-year-old
fish. Age-related decline in axon regeneration has also been observed
in the zebrafish CNS (Becker et al., 1997) and PNS (Graciarena et al.,
2014). Analogously, the ability of the zebrafish ON to recover from de-
myelination declines with age (Münzel et al., 2014). Thus, although
the adult fish nervous system recovers from injury well compared to



Fig. 1. Adult fish spinal cord and optic nerve axons activate intrinsic pathways to regenerate. A) Axon regeneration in the adult fish spinal cord is variable. Although some axons in the fish
CNS upregulate growth associated proteins (GAPs) upon injury and regenerate robustly, they can oftenmisroute andmany growonly a fraction of their original lengths.Many axons fail to
regenerate altogether, which might reflect a failure to upregulate GAPs. B) Injury-responsive transgenic lines, such as the gap-43:GFP reporter, provide powerful tools for assessing
activation of growth pathways upon injury. For example, upon optic nerve injury (schematic), retinal ganglion cells in the retina (images) upregulate gap-43, as demonstrated by the
striking increase in GFP expression in the ganglion cell layer (gcl). ipl, inner plexiform layer; inl, inner nuclear layer. Scale bar, 100 μm.
Images were the generous gift of Ava Udvadia (University of Wisconsin, Milwaukee).
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mammals, it experiences a similar age-related decline in regeneration
that can be exploited to identify genes regulating axon regeneration.

Fish models have also made contributions to addressing the role of
neuronal activity in axon regeneration. In adult goldfish, blocking
synaptic activity with tetrodotoxin injection disrupts ON regeneration,
the re-establishment of functional synapses, and refinement of the
retinotectal map (Edwards and Grafstein, 1983; Schmidt et al., 1983;
Schmidt and Edwards, 1983). Conversely, applying an electrical field
to the spinal cord of lamprey substantially enhances recovery from
spinal cord transection (Borgens et al., 1981), and increasing locomotor
activity in eels improves spinal cord regeneration (Doyle and Roberts,
2006). The role of activity in axon regeneration is conserved, since
blocking activity decreases outgrowth of cultured mouse retinal gangli-
on cells (e.g., Goldberg et al., 2002) and electrical stimulation of the
mammalian spinal cord improves recovery from injury (e.g., Borgens
et al., 1987; reviewed by Gordon and English, 2015).

Previous injury causes physiological changes in axons that promote
their intrinsic regenerative capacity. This phenomenon, known as a
“preconditioning lesion” effect, ismediated, at least in part, by transcrip-
tional responses that prime the cell for axonal growth (reviewed by
Hoffman, 2010). In mammals, preconditioning lesions of peripheral
nerves accelerate regeneration after a second lesion to the same periph-
eral nerve (Gutmann, 1942), and a preconditioning injury to a peripher-
al sensory nerve allows regeneration of central axons of those neurons
(Neumann and Woolf, 1999). In the early 1980s, Grafstein and
colleagues similarly demonstrated that a preconditioning lesion
accelerates ON regeneration in goldfish (Edwards et al., 1981; Lanners
and Grafstein, 1980; McQuarrie and Grafstein, 1981). Subsequent
studies have documented preconditioning lesion effects in the spinal
cord of lamprey (Zhang et al., 2004) and in peripheral lateral line nerves
of adult zebrafish (Graciarena et al., 2014), demonstrating that the
preconditioning phenomenon is widely conserved, if not universal,
among vertebrate neurons.

3.2. Conserved molecules and pathways regulate intrinsic axon growth
potential

The second messenger cAMP is upregulated by injury and cAMP-
dependent pathways play important roles in the preconditioning lesion
effect (reviewed by Hannila and Filbin, 2008). Like in other vertebrates,
CNS axon regeneration in lamprey and goldfish is improved by treat-
ment with cAMP analogs (Jin et al., 2009; Lau et al., 2013; Pale et al.,
2013; Rodger et al., 2005), which likely act by activating Protein Kinase
A (Pale et al., 2013; Rodger et al., 2005). The ability to identify specific
neurons and image them in live zebrafish larvae enabled a vivid demon-
stration of cAMP's potential for promoting axon regeneration (Bhatt
et al., 2004). Bhatt et al. (2004) lesioned larval spinal cords and moni-
tored anatomical and functional regeneration of Mauthner cell axons,
which project from the hindbrain to the caudal spinal cord to mediate
fast escape responses. Injured Mauthner cell axons regenerated only
about a third of the time in control neurons. Strikingly, introducing a
cAMP analog directly into Mauthner cells induced robust axon regener-
ation in almost all treated neurons, as documented with confocal mi-
croscopy, calcium imaging of circuit activity, and behavioral analysis.

Intrinsic growth capacity is also affected by negative regulators,
which increasewith age to reduce regeneration. Phosphatase and tensin
homolog (PTEN) and suppressor of cytokine signaling 3 (SOCS3), two
negative regulators of axon regeneration in mice (Liu et al., 2011), ap-
pear to play conserved roles in adult zebrafish. Inhibiting one of two
zebrafish PTEN orthologs with PTEN-targeting morpholinos improved



322 J.P. Rasmussen, A. Sagasti / Experimental Neurology 287 (2017) 318–330
regeneration of adult zebrafish spinal cord neurons (Liu et al., 2014),
while pharmacological inhibition of PTEN's downstream effector,
mammalian (or mechanistic) target of rapamycin (mTOR), reduced
cytokine-enhanced ON regeneration in zebrafish (Diekmann et al.,
2015a). Similarly, SOCS3, which decreases axon regeneration in
mammals by inhibiting Jak/Stat signaling downstream of growth-
promoting cytokines (Smith et al., 2009), inhibits axon regeneration
in the zebrafish ON (Elsaeidi et al., 2014). Fish Socs3a also acts by an-
tagonizing the Jak/Stat pathway but, in contrast to mammalian
SOCS3, it does not block axon regeneration altogether (Elsaeidi
et al., 2014).

The conservation of regeneration regulators, like cAMP, PTEN and
SOCS3, suggests that although fish CNS axons regenerate better than
mammalian axons, intrinsic molecular mechanisms of regeneration
are largely the same in all vertebrates. Moreover, the fact that regener-
ation can be improved with preconditioning lesions and cAMP, or by
inhibiting PTEN and SOCS3, belies the simplistic notion that fish axons
optimally activate intrinsic growth pathways. It is likely that a balance
of growth promoting and inhibiting factors determine each axon's
ability to regenerate, and this balance may contribute to differences in
the ability of axons to regenerate not only between fish and mammals,
but also between different cell types in fish.

3.3. Identifying new molecules regulating axon growth potential

Searching for genes and proteins associated with axon growth
(growth-associated proteins, GAPs) or specifically with regeneration
(regeneration-associated genes, RAGs), has been a fruitful strategy for
identifying candidate regulators of axon regeneration (reviewed by
Patodia and Raivich, 2012). In fish, several RAGs and GAPs have been
discovered in screens for transcripts or proteins that increase after inju-
ry to the adult ON or spinal cord. These include a tubulin (Heacock and
Agranoff, 1976), several cell adhesion molecules (Becker et al., 1998;
Bernhardt et al., 1996; Paschke et al., 1992), the microtubule interacting
zRich proteins (Heacock and Agranoff, 1982; Pathi et al., 2012; Wilmot
et al., 1993), the lipid microdomain-associated Flotillins, Reggie-1 and
Reggie-2 (Munderloh et al., 2009; Schulte et al., 1997), the microRNA
miR-133b (Yu et al., 2011a), and the transcription factors Kruppel-Like
Factor (KLF) 6a and Klf7a (Veldman et al., 2007, 2010). Unbiased expres-
sion profiling of neurons responding to axon damage continue to length-
en the list of GAPs in zebrafish (Hui et al., 2014; Lemmens et al., 2015).

Adult fish have proven to be excellent models for identifying genes
correlated with regenerative growth, but likely only some of these
genes play functionally significant roles in regeneration. Since many
GAPs are required during initial development, testing their function in
the regeneration of mature nervous systems requires a method for
knocking them down specifically in adult tissues. To address this prob-
lem, Becker et al. (2004a) developed a technique in which gelfoams
soaked in morpholino antisense oligonucleotides targeting specific
genes are implanted directly into damaged CNS tissue. Using this tech-
nique, several studies have demonstrated that inhibiting specific
genes, including tubulins (Veldman et al., 2010), the cell adhesion mol-
ecule L1.1 (Becker et al., 2004a), the Flotillins (Munderloh et al., 2009),
themicroRNAmiR-133b (Yu et al., 2011a), and KLF transcription factors
(Veldman et al., 2007), compromises axon regeneration. Although
morpholino knockdown experiments should be interpreted cautiously
(Kok et al., 2015; Rossi et al., 2015; Schulte-Merker and Stainier,
2014), this method provides a simple initial test for the function of
new candidate genes in axon regeneration.

Could the GAPs and RAGs identified in adult fishmodels serve as po-
tential therapeutic targets inmammals? In a few cases, homologs of fish
genes required for regeneration have also been implicated inmammali-
an axon regeneration. For example, overexpressing or knocking down
Flotillins in rat neurons have both been reported to accelerate regener-
ation (Koch et al., 2013; Santiago et al., 2013), perhaps reflecting
growth-promoting and -inhibiting functions for these genes, which
may regulate trafficking at growth cones (reviewed by Stuermer,
2012). Similarly, KLF transcription factors regulate axon regeneration
not just in fish (Veldman et al., 2007, 2010), but also in the mouse ON
and spinal cord (Blackmore et al., 2012; Moore et al., 2009). In fish,
Klf6a and Klf7a are required for axon regeneration (Veldman et al.,
2007). In mice, overexpressing Klf6 or Klf7 improves the growth of
RGC axons (Moore et al., 2009) and overexpressing Klf7 fused to a tran-
scriptional activation domain promotes the growth of corticospinal
neurons (Blackmore et al., 2012). By contrast, Klf4 and Klf9 are inhibi-
tors of ON axon regeneration in mice (Moore et al., 2009), demonstrat-
ing that a balance of growth-promoting and -inhibiting KLF factors
regulate axon regeneration (reviewed by Moore et al., 2011). These
findings validate the use of fish models as a source for candidate
mammalian regeneration genes.

While it has been possible to find new GAPs based on expression
changes in adult fish, another strategy will be necessary to identify
pathways that sense injury and activate these genes to promote regen-
eration. A forward genetic screen formutants defective in recovery from
injury is theoretically possible, butmay be too laborious to be feasible in
fish models. A more reasonable approach would be to screen for fish
mutants that fail to upregulate GAPs after injury. Transgenic zebrafish
lines that express GFP under the control of regulatory elements for
growth-associated protein 43 (gap43) (Diekmann et al., 2015b; Kusik
et al., 2010; Udvadia, 2008) and α1-tubulin (Goldman et al., 2001;
Senut et al., 2004), display markedly increased GFP expression after
ON injury (Fig. 1B). Knocking down the transcription factor MASH1/
Ascl1a reduces GFP expression in gap43 transgenic reporter fish and
disrupts ON regeneration, while overexpression of MASH1 in injured
rat neurons enhances regeneration (Williams et al., 2015). This finding
provides proof-of-principle that activation of injury-sensing pathways
can be detected with gap43 reporter fish. Transgenic GAP reporter
lines could be used to test the function of additional candidate path-
ways, such as the dual leucine-zipper kinase (DLK) mitogen-activated
protein kinase (MAPK) pathway, which has yet to be studied in fish,
despite its central role in sensing axon damage in other animals
(reviewed by Tedeschi and Bradke, 2013). More importantly, these
transgenic reporters may be ideal tools for forward genetic screens to
identify new regeneration factors.
4. How do circuits rewire? Regenerating synapses and
restoring function

The ultimate goal of axon regeneration interventions is to rebuild
synapses and recover function of damaged circuits. Fundamental ques-
tions about circuit recovery are just beginning to be addressed in verte-
brates. For example, do regenerating axons use the same guidance cues
as in development to find their synaptic targets? Do they form synapses
that are similar in number, size, and molecular composition to those
formed during development? Do axons rewire with their original syn-
aptic partners or do compensatory circuits contribute to functional re-
covery? Following spinal cord injury, fish rapidly recover “normal”
swimming behavior (Becker et al., 1997; Bernstein, 1964; Bernstein
and Gelderd, 1970; Davis and McClellan, 1993; Hooker, 1932; Oliphint
et al., 2010; Rovainen, 1976; Tuge and Hanzawa, 1937). However,
careful analysis of axon regeneration suggests that at least half of all
transected axons never regenerate (Becker et al., 1997, 2005;
Bernstein, 1964; Bernstein and Gelderd, 1970; Davis and McClellan,
1993; Oliphint et al., 2010; Rovainen, 1976; Selzer, 1978; Sharma
et al., 1993). Moreover, those axons that do regenerate frequently
adopt aberrant trajectories and extend only a few millimeters, a small
fraction of their original length (Becker et al., 1997; Becker and Becker,
2001; Oliphint et al., 2010; Rovainen, 1976; Wood and Cohen, 1981).
This dichotomy presents an opportunity to investigate mechanisms
that regulate synapse reestablishment and the requirements for func-
tional recovery.
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4.1. Functional measures of regeneration

Although functional recovery in fish is generally successful, just how
well do circuits recover? Zebrafish larvae can recover normal swimming
behavior and the stereotyped startle response within 9 days after spinal
cord injury (Briona and Dorsky, 2014). Similarly, behavioral recovery
following complete spinal cord transection in larval lamprey is robust,
with ~ 90% recovery of movement (Oliphint et al., 2010). Nevertheless,
mild differences in several functional measures, including swim speed,
tail beat frequency, and body wavelength persist (Oliphint et al.,
2010). This robust recovery may partly reflect the fact that the environ-
ment has not substantially changed since initial development and in-
trinsic growth potential has yet to decline. Not surprisingly, recovery
of function in older animals is more variable. Adult zebrafish can also
regain swimming behavior following spinal cord transection (Becker
et al., 1997), but some do not recover and these animals tend to show
less axon regeneration. By some measures the majority of adult
zebrafish recover from spinal cord lesion (Becker et al., 2004a; Fang
et al., 2012; Vajn et al., 2014), but rigorous functional tests uncover
substantial persistent deficits in sustained swimming behaviors (van
Raamsdonk et al., 1998), likely resulting from a failure to coordinate
movement of proximal and distal body segments. In contrast to spinal
cord lesions, adult zebrafish appear to fully recover several visual be-
haviors following ON injuries (Kato et al., 2013). The time required for
recovery correlates with the complexity of the behavior assayed, rang-
ing from a short recovery period to regain the optokinetic response
(14 days; when some regenerated axons reach the tectum), to a medi-
um recovery period for the optomotor response (25–30 days; when
large numbers of regenerated axons reach the tectum), to a long recov-
ery period for chasing behavior (90–100 days; when synaptic refine-
ment is complete). These behavioral measures can be compared with
structural studies of axon and synapse regeneration to determine how
anatomical recovery relates to functional recovery.

4.2. Axon guidance during regeneration

To reestablish functional synaptic connections, regenerating axons
must first navigate to their targets. Axon regeneration is usually suc-
cessful in the larval zebrafish PNS and requires guidance cues, the extra-
cellular matrix, and guidepost cells (Isaacman-Beck et al., 2015;
Pujol-Martí et al., 2014; Rosenberg et al., 2014; Villegas et al., 2012).
Larval motor neurons, for example, re-navigate choice points and re-
target the correct muscle territory with remarkable precision
(Isaacman-Beck et al., 2015). Perturbing ECM protein modifications
that likely regulate the distribution of guidance cues (Isaacman-Beck
et al., 2015), ablating Schwann cells that likely express guidance cues
(Isaacman-Beck et al., 2015; Rosenberg et al., 2014), or genetic removal
of theNetrin receptor deleted in colorectal carcinoma (DCC) (Rosenberg
et al., 2014), all disrupt the regeneration of larvalmotor axons. Remark-
ably, initial development appears largely unperturbed in these mutant
scenarios, indicating that either distinct or redundant cues promote ini-
tial development.

The adult environment presents a greater challenge to regenerating
axons. It is not clear if regenerating axons encounter the same set of
cues that guided them during development or if these cues are missing
or redistributed, causing the misrouting of re-growing axons. In the
adult fish ON, Eph receptor tyrosine kinases and their ephrin ligands
play similar roles during development and regeneration of the retino-
tectal map. Ephs and ephrins are upregulated during ON regeneration
in both zebrafish (Becker et al., 2000) and goldfish (King et al., 2003,
2004; Rodger et al., 2000). Functional disruption of Eph/ephrin signaling
inhibits the restoration of the retinotectalmap in goldfish (Rodger et al.,
2004), indicating that this guidance pathway is required during devel-
opment and adult regeneration. By contrast, Class 3 semaphorins
(Sema3), which play guidance roles during development, may form
part of the non-permissive regeneration environment of the
mammalian CNS by acting as both repellents and pro-apoptotic factors
(reviewed by Pasterkamp and Verhaagen, 2001). Spinal cord transec-
tion in lamprey increases sema3 expression near the site of injury short-
ly after transection (Shifman and Selzer, 2007), suggesting that it could
contribute to the failure of some lamprey spinal axons to regenerate. In-
deed, exogenous addition of Sema-3A inhibits ON regeneration in gold-
fish by increasing RGC apoptosis, decreasing axon growth, and
disrupting debris clearance by macrophages (Rosenzweig et al., 2010).

In a clever set of experiments, Wyatt et al. (2010) tested if
degenerating CNS axons provide guidance cues for regeneration by
analyzing adult robo2 mutant zebrafish. Robo2 is required for ON
pathfinding during development (Fricke et al., 2001), and pathfinding
defects in robo2mutants persist into adulthood (Wyatt et al., 2010). Fol-
lowing ON lesion, regenerating axons did not grow along the erratic
paths established during development and instead showed relatively
normal pathfinding, suggesting that regenerating axons do not neces-
sarily use the same guidance factors as in development and that
degenerating ON tracts do not provide guidance for regenerating axons.

4.3. Synaptic regeneration

ON injury in goldfish has been a useful model for studying synapse
regeneration, since the formation of a rough retinotectal map is activity
independent (reviewed by Matsukawa et al., 2004a; Meyer, 1983;
Schmidt and Edwards, 1983). Moreover, unlike in mammalian ON inju-
rymodels, regeneration occurs in the absence of cell death (Meyer et al.,
1985), so any synaptic deficits are likely attributable to poor regenera-
tion. Goldfish ON regeneration proceeds in four steps: a preparation
period (1–5 days), an axonal elongation period (7–40 days), a synaptic
refinement period (35–80 days), and a functional recovery period (5–
6 months) (Meyer and Kageyama, 1999). Zebrafish ON regeneration
occurs through a similar sequence, albeit with faster kinetics (Kato
et al., 2013). To analyze synapse regeneration in the goldfish tectum,
Meyer and Kageyama (1999) labeled a small number of retinal neurons
with horseradish peroxidase (HRP) after nerve crush, then visualized
tectal synapses by electron microscopy. Surprisingly, the initial synap-
ses formed were exclusively at the incorrect (anterior) end of the
tectum. During the middle stages of regeneration, synapses were
found in equal numbers at the correct and incorrect portions of the
tectum. During late regeneration, anterior synapses were eliminated
and the remaining synapses were exclusively at the correct (posterior)
end of the tectum. Thus, reestablishment of the retinotectal map in-
volves correction of large-scale synaptic errors. This process contrasts
with normal development of the retinotectal map in fish, which pro-
gresses through an orderly sequence of ingrowth and synaptogenesis
(Stuermer et al., 1990).

The giant reticulospinal (RS) axons of the larval lamprey, which pro-
ject from the hindbrain into the spinal cord, have also been excellent
models for understanding the cell biology of synapse regeneration
following injury. RS axons in the spinal cord form both electrical and
chemical (glutamatergic) synapses and can be easily identified and indi-
vidually labeled by intracellular injection of HRP. Following injury, ap-
proximately 30–50% of RS axons grow across the lesion and animals
regain swimming behavior after 3–4 weeks. However, regenerated
axonsmake a variety of pathfinding and branching errors, and fail to re-
generate both electrical synapses and postsynaptic chemical synapses
(Wood and Cohen, 1979). Moreover, regenerated synapses can occur
in ectopic locations (Wood and Cohen, 1981). In an impressively thor-
ough study, Oliphint and colleagues characterized the size, number, ax-
onal distribution, and composition of regenerated CNS synapses
(Oliphint et al., 2010). Regenerated synapses contained all the major
molecular (actin, synapsin, and SV2) and ultrastructural (SV cluster, ac-
tive zone, and postsynaptic dendrite) characteristics of RS synapses but
were less complex, contained fewer vesicles, and had smaller active
zones than controls. Only 1–2% of the total RS synapses distal to the le-
sion regenerated by 10–12weeks post-injury. Similarly, regeneration of



Fig. 2. Skin wounding promotes regeneration of peripheral sensory axon arbors.
A) Schematic of a zebrafish larva with a single trigeminal (TG) peripheral arbor labeled.
B) A single larval TG sensory peripheral axon innervates many skin cells (visualized
with a PH-PLC-GFP reporter expressed in the skin). C) Precise axon damage stimulates
some regenerative growth, but axons avoid their former territories. D) Damaging nearby
skin cells provides a short range regeneration-promoting signal that depends on H2O2

production.
Images generated by Marci Rosenberg (UCLA).
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dopaminergic and serotonergic synapses in the zebrafish spinal cord is
limited to ~50% of unlesioned controls immediately caudal to the injury
(within 0.75 mm) and background levels further caudal (3.5 mm)
(Kuscha et al., 2012). Despite these synaptic deficits, swimming behav-
ior in lesioned lamprey and zebrafish recovers robustly, suggesting that
only a small fraction of original synapses are sufficient to support func-
tion, or that plasticity of compensatory circuits contribute to recovery.

4.4. Reestablishment of synaptic specificity

The transgenic tools available in larval zebrafish present an opportu-
nity to examine the specificity of regenerated synapses, as exemplified
by studies of synaptic specificity in the posterior lateral line nerve
(pLLn). Axons of the pLLn innervate mechanosensory organs called
neuromasts, which contain hair cells of two opposing polarities. Impor-
tantly, hair cell polarity and hair cell-axon synapses are visible by light
microscopy in living and fixed animals. 2–4 lateral line axons innervate
a neuromast in larval zebrafish; individual axons innervate hair cells of
only a single polarity (Faucherre et al., 2009; Nagiel et al., 2008). Careful
ablation experiments were performed to eliminate all but a single later-
al line axon (Pujol-Martí et al., 2014). The spared axon expanded its re-
ceptive field to synapsewith hair cells of both polarities. However, upon
regeneration of the injured axons, the spared axon pruned back to its
original synaptic partners. This finding suggests that axons of the PNS
can rewire their synapses and that competition between axons is an im-
portant dictator of synaptic specificity. The molecular mechanisms of
this synaptic selectivity have yet to be elucidated, but this and other
larval zebrafish circuits–including parts of the CNS where circuits are
well-defined, such as the retina (e.g., Yoshimatsu et al., 2016)–are
idealmodels for exploring themolecular basis for reestablishing specific
synaptic connections during regeneration.

5. Dynamic cell behaviors during axon regeneration

Axon regeneration in vivo requires axons to navigate a dynamic
cellular environment that can significantly influence regenerative
outcomes. Fish models have provided novel insights into roles of these
extrinsic cell types in both PNS and CNS axon regeneration. In particular,
the ability to image dynamic processes in live zebrafish larvae, com-
bined with the increasing availability of cell type-specific transgenic
tools, has recently revealed several previously unknown behaviors of
extrinsic cells during axon degeneration and regeneration.

5.1. Coordination of axon regeneration with wound healing

Axon injury often occurs in combination with damage to surround-
ing tissues. Repair of axons and damaged tissues must be coordinated
for proper reinnervation but the widespread, nonspecific damage
created by traditional lesion paradigms has made this issue difficult to
study. The ability to sever single, transgenically labeled axons in larval
zebrafish while minimizing damage to surrounding tissues (Lewis and
Kucenas, 2013; O'Brien et al., 2009b; Rosenberg et al., 2012; Villegas
et al., 2012) offers a unique opportunity to understand how axon
regeneration is coordinated with tissue repair.

Given the relatively robust axon regeneration of peripheral axons in
zebrafish larvae, it was surprising that the cutaneous endings of touch-
sensing trigeminal peripheral axons failed to regenerate into their for-
mer skin territories after precise laser axotomy in three-day old larvae
(Fig. 2A, B, C) (O'Brien et al., 2009a). Live imaging revealed that
although axotomy promoted some growth of these trigeminal axon
terminals, they actively avoided their original territories, likely
reflecting the deposition of inhibitory factors in the skin that limit
structural plasticity after initial development (O'Brien et al., 2009a).
However, if axotomy was combined with damage to neighboring
epidermal cells in the skin, a scenario much more likely to mimic a
real injury, trigeminal axons regenerated robustly (Fig. 2D) (Rieger
and Sagasti, 2011). Epidermal wounds in zebrafish produce a gradient
of hydrogen peroxide (H2O2) that depends on the dual oxidase
(Duox)-dependent enzyme (Niethammer et al., 2009). Exogenous ap-
plication of H2O2 promoted peripheral sensory axon regeneration after
precise laser axotomy, whereas Duox inhibition reduced regeneration,
suggesting that the H2O2 gradient promotes axon regeneration (Rieger
and Sagasti, 2011). These studies revealed the need for coordinated
regeneration of multiple cell types during wound healing.

5.2. Cleaning up after axon degeneration

Phagocytosis of debris following Wallerian degeneration (WD) of
the distal axon is considered a prerequisite for successful axon regener-
ation. Accordingly, preventing axon degeneration, and thus removal of
the distal axon fragment, by expression of the Wallerian Degeneration
Slow (WldS) protein delays or alters axon regeneration in mice and
fish (Bisby and Chen, 1990; Brown et al., 1992; Chen and Bisby, 1993;
Martin et al., 2010). Identifying cell types involved in axon debris clear-
ance, characterizing their behaviors, and investigating the molecular
pathways they use to clear debris is thus critical for fully understanding
tissue repair. Phagocytosis is a dynamic process,whichmakes live imag-
ing in zebrafish a particular attractive approach for studying it.



Fig. 3.Glial bridging behaviors visualized in live zebrafish. A–C) Larvalmotor nerves infish
are surrounded by perineurial glia (B) and contain Schwann cells (C). D–E) Nerve injury
stimulates the recruitment of macrophages (Mɸ) (Di), which, along with perineurial glia
and Schwann cells, contribute to phagocytosis of axon debris (Dii). Perineurial glia and,
later, Schwann cells bridge the nerve gap (Diii), allowing motor axons to regenerate
across the lesion site (Div).
Images were the generous gift of Gwendolyn Lewis and Sarah Kucenas (University of
Virginia).
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Numerous studies in mammals have shown that macrophages,
blood-derived “professional” phagocytes, eat axon debris in the PNS
(reviewed by Vargas and Barres, 2007). However, few if any studies in
mammals have imaged the dynamics of macrophage behavior during
WD in live animals. Zebrafish present a uniquely accessible system
with which to study and manipulate the interactions of macrophages
with degenerating axons in vivo. Genetic removal of macrophages de-
lays debris removal following axotomy of the pLLn or motor nerves
(Lewis and Kucenas, 2014; Villegas et al., 2012). Live imaging of macro-
phage responses to motor axon injury revealed that they are recruited
to the site of laser axotomy prior to the onset of WD and phagocytose
debris shortly after WD begins (Fig. 3Di,ii) (Rosenberg et al., 2012).
Macrophages were recruited normally following axotomy of WldS-
expressing motor neurons and displayed a novel “scanning” behavior,
in which they repeatedly probed the intact but disconnected distal
axonswithmembrane extensions (Rosenberg et al., 2012). These obser-
vations suggest thatmacrophages can distinguish injured, degenerating
axons from injured but intact axons and that their recruitment does not
requireWD. Schwann cells near the lesion are strong candidates for reg-
ulating these macrophage behaviors since mammalian Schwann cells
produce chemoattractants that recruit macrophages to injured nerves
(Vargas and Barres, 2007). Studies of the requirement of zebrafish
Schwann cells in macrophage recruitment, however, have come to dif-
fering conclusions (Pope and Voigt, 2014; Rosenberg et al., 2012).

“Non-professional,” non-blood derived phagocytes, including pe-
ripheral glia, are increasingly recognized as important regulators of
axon debris clearance. Live imaging of axon degeneration in the
zebrafish PNS revealed that Schwann cells and perineurial glia phagocy-
tose and degrade axon debris (Fig. 3Dii) (Ceci et al., 2014; Lewis and
Kucenas, 2014; Rosenberg et al., 2014; Xiao et al., 2015). Perhaps
more surprisingly, epithelial cells of the epidermis were recently
found to phagocytose degenerating peripheral axon endings of somato-
sensory neurons (Rasmussen et al., 2015). Live imaging of specific fluo-
rescent reporters in the epidermis during axon degeneration revealed
the entire process of phagocytosis, from the internalization of axon de-
bris by F-actin-rich protrusions, to the trafficking of debris through
endocytic compartments, to the degradation of debris in lysosomes
(Rasmussen et al., 2015). Together these studies establish zebrafish lar-
vae as a leading model for studying phagocyte behaviors during neural
repair.

5.3. Bridging cells promote axon regeneration

CNS injuries in fish promote glial proliferation and migration into
the lesion site (Blaugrund et al., 1993; Cohen et al., 1994; Dervan and
Roberts, 2003; Goldshmit et al., 2012; Lurie et al., 1994). In the mam-
malian CNS, astrocyte reactive gliosis at injury sites invariably blocks
regeneration (reviewed by Cregg et al., 2014). Glial behaviors may
differ markedly in fish; some studies have proposed that glial cells
at the injury site promote regeneration by providing a bridging sub-
strate for growing axons (Cohen et al., 1994; Goldshmit et al., 2012;
Lurie et al., 1994), but other studies suggest that axons may cross the
lesion site before glial cells (Blaugrund et al., 1993; Dervan and
Roberts, 2003). This discrepancy may be due to the techniques
used to visualize cells in fixed tissues. Resolving the sequence of
events at a CNS injury site may thus require time-lapse imaging of
axons and glia in live adult fish.

Goldshmit and colleagues detailed themorphogenesis of glial bridge
formation in adult zebrafish following spinal cord lesion (Goldshmit
et al., 2012). Following an initial proliferative and migratory phase,
glia that reached the lesion site elongated along the AP axis to develop
a bipolarmorphology, as had been suggested by immunostaining for in-
termediate filaments and microtubules in lamprey (Lurie et al., 1994).
At these stages, axons near the lesion grew perpendicular to the axis
of the spinal cord (Goldshmit et al., 2012). At 2–3 weeks post injury,
glia within the lesion elongated further to bridge the lesion and initial
axon regeneration occurred along glial bridges. The final phase of lesion
repair involves dismantling the glial bridge and remodeling the central
canal.
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What are the mechanisms of glial bridge formation in the CNS?
The fibroblast growth factor (Fgf) fgf3 was previously shown to be
upregulated following spinal cord injury (Reimer et al., 2009).
Goldshmit et al. (2012) found that Fgf ligands, receptors, and down-
stream effector genes were upregulated over a broad time window
following injury in both glia and neurons surrounding a lesion site.
Gain- and loss-of-function experiments demonstrated that Fgf sig-
naling activated a MAPK pathway and was required for the initial
steps of glial proliferation and migration. Fgf signaling was also re-
quired for glial bridge morphogenesis, and blocking bridge forma-
tion led to failure of axon regeneration and a decrease in functional
recovery. The mechanism of glial bridge formation may be con-
served, since exogenous Fgf2 application improves recovery after
mammalian spinal cord injury and promotes the formation of cellu-
lar bridges containing glia with bipolar morphology (Goldshmit
et al., 2014).

The glial bridging behaviors documented in the fish CNS resemble
Schwann cell bridging in the mammalian PNS (reviewed by Jessen
et al., 2015). Nerve injuries in the PNS induce the differentiation of the
distal, denervated Schwann cells into Bands of Büngner that span the in-
jury site (Jessen et al., 2015). Recent genetic and live imaging studies in
larval zebrafish have confirmed that this behavior occurs in fish and
have provided molecular insights into the process. Following transec-
tion of the pLLn, either by laser or electrical ablation, Schwann cells
proliferate and gradually lose expression of myelin proteins and the
junctional component Claudin-K (Ceci et al., 2014; Xiao et al., 2015).
Live imaging of animals expressing markers of axons and Schwann
cells showed that axons only regrow across the lesion site once
Schwann cells bridge the gap (Ceci et al., 2014; Xiao et al., 2015). Glial
bridge formation appears to involve actin-rich membrane protrusions
(Xiao et al., 2015). Early blockade of the ErbB signaling pathway,
which is required for Schwann cell migration and differentiation
(Lyons et al., 2005), did not affect axon growth rates but caused abnor-
mal pathfinding and frequent axon retraction that led to stunted growth
and defasciculation (Ceci et al., 2014; Villegas et al., 2012; Xiao et al.,
2015). Pharmacological inhibition of ErbB signaling after glial migration
significantly delayed the initial stages of axon regeneration, suggesting
that ErbB signals are required to promote the early phases of regenera-
tion (Ceci et al., 2014).

Peripheral nerves are encased in an outer layer of perineurial cells,
which have long been proposed to participate in axon regeneration
(reviewed by Kucenas, 2015). Until recently, however, the role of
perineurial glia in axon repair has been unclear. Themotor nerves of lar-
val zebrafish are a simple system for investigating the interactions be-
tween perineurial glia, Schwann cells, and regenerating axons (Fig. 3).
Both Schwann cells and perineurial glia are required for motor axon re-
growth, since genetically removing either cell type resulted in aberrant
or incomplete axon regeneration (Lewis and Kucenas, 2014; Rosenberg
et al., 2014). Live imaging of animals expressing markers of both
perineurial glial and Schwann cells demonstrated that perineurial glia
bridge the injury gap prior to Schwann cells (Fig. 3D) (Lewis and
Kucenas, 2014). Perineurial bridge formation required Schwann cells
but not axon fragmentation (Lewis and Kucenas, 2014). These results
suggest that following axotomy Schwann cells release factors that stim-
ulate bridging behaviors in perineurial glial essential for axon
regeneration.

5.4. More cellular behaviors to explore in fish?

So far most studies of axon regeneration in larval fish have focused
on peripheral axons, but central axon regeneration can be imaged just
as effectively. Since central axons exhibit more variable regeneration
(e.g., Bhatt et al., 2004), studying them would provide the potential to
document both pro- and anti-regenerative behaviors by extrinsic cell
types. Few, if any, studies have addressed the role of oligodendrocytes
in larval zebrafish axon regeneration, but it may be informative to
compare their behavior tomammalian oligodendrocytes, which potent-
ly inhibit regeneration (Bandtlow et al., 1990; Bastmeyer et al., 1991;
Fawcett et al., 1989). Microglia, blood-derived immune cells of the
CNS, are the most likely candidates to clear axon debris after injury in
the CNS, and an electron microscopy study suggested they participate
in phagocytosing axon debris following ON injury in goldfish (Battisti
et al., 1995). Several tools for imaging and manipulating microglia are
available in zebrafish larvae and have been effectively used to study
their role in neuronal cell corpse engulfment (Mazaheri et al., 2014;
Peri and Nüsslein-Volhard, 2008; Shen et al., 2016; Sieger et al., 2012),
but have yet to be used to study microglial behaviors during repair of
CNS axons. Astrocytes regulate axon pruning, debris clearance, and re-
generation in Drosophila and mammals (Chung et al., 2013; Cregg
et al., 2014; Tasdemir-Yilmaz and Freeman, 2014). If astrocytes are
truly absent from the fish CNS, other cell types, such as radial glia,
may have evolved compensatory behaviors (Lyons and Talbot, 2015).
The rapidly expanding suite of tools for creating transgenic reporters
should make it possible to develop markers that will more definitively
determine if fish have astrocytes and to document the roles of radial
glia in repair.

The ability to image axon regeneration and cell interactions in live
animals is arguably the main advantage of larval fish models over
other axon regeneration models. If it were possible to apply a similar
live imaging approach to the adult CNS, fish models would be even
more powerful—perhaps the best vertebrate model system for illumi-
nating the black box between injury and recovery. Live imaging in
adult fish is much more challenging than in larvae, since adult fish are
highly pigmented and difficult to anesthetize for long periods of time.
But live imaging in adults is not impossible, as demonstrated by
pioneering studies in adult goldfish that revealed dynamics of
regenerating dye-labeled optic fibers through cranial flaps (Dawson
et al., 2015; Dawson andMeyer, 2001, 2008; Johnson et al., 1999). A re-
cent innovation in anesthesia that allows continuous imaging of adults
for at least two days (Xu et al., 2015), and the discovery of several
zebrafish mutants that lack adult pigmentation (Hsu et al., 2013;
White et al., 2008), should facilitate time-lapse imaging of fluorescently
labeled nerves in intact adults, at least in superficial parts of the animal.
Combining these approaches with multiphoton microscopy for deeper
light penetration may even allow imaging of regenerating CNS axons,
without resorting to the invasive cranial windows or open preparations
used for live imaging in adult mice (e.g., Lorenzana et al., 2015; Misgeld
et al., 2007; Xu et al., 2007).

Ideally, live imaging would be combined with specific genetic
manipulations, but, until recently, methods for interrogating gene func-
tion in adult zebrafish neurons have been limited to the application of
antisense morpholinos via gelfoams or transgenic overexpression. The
development of genome editing technologies with the CRISPR/Cas9
system (Gonzales andYeh, 2014) should allow for increasingly complex
genetic experiments in zebrafish and could evenmake genetic manipu-
lation possible in traditionally “non-genetic” fish species, such as
lamprey (Square et al., 2015). In parallel, high-resolution mapping of
expression patterns in Gal4 and Cre “enhancer trap” lines in the CNS
(Marquart et al., 2015; Otsuna et al., 2015) is increasing the toolkit for
visualizing and manipulating specific cell types. The ability to directly
image regeneration of axons and the behavior of surrounding cells in
real time, in live adult animals, with specific genetic manipulations,
would provide a level of clarity not possible in any other vertebrate
model of neural repair.

Acknowledgments

We thank Ava Udvadia, Matt Veldman, Mauricio Vargas, Cressida
Madigan, and members of the Sagasti lab for comments on the manu-
script. We are especially grateful to Ava Udvadia, Sarah Kucenas,
Gwendolyn Lewis, and Marci Rosenberg for sharing unpublished
images.



327J.P. Rasmussen, A. Sagasti / Experimental Neurology 287 (2017) 318–330
References

Abdesselem, H., Shypitsyna, A., Solis, G.P., Bodrikov, V., Stuermer, C.A.O., 2009. No
Nogo66- and NgR-mediated inhibition of regenerating axons in the zebrafish optic
nerve. J. Neurosci. 29, 15489–15498.

Alunni, A., Vaccari, S., Torcia, S., Meomartini, M.E., Nicotra, A., Alfei, L., 2005. Characteriza-
tion of glial fibrillary acidic protein and astroglial architecture in the brain of a contin-
uously growing fish, the rainbow trout. Eur. J. Histochem. 49, 157–166.

Bandtlow, C., Zachleder, T., Schwab, M.E., 1990. Oligodendrocytes arrest neurite growth
by contact inhibition. J. Neurosci. 10, 3837–3848.

Bastmeyer, M., Bähr, M., Stuermer, C.A., 1993. Fish optic nerve oligodendrocytes support
axonal regeneration of fish and mammalian retinal ganglion cells. Glia 8, 1–11.

Bastmeyer, M., Beckmann, M., Schwab, M.E., Stuermer, C.A., 1991. Growth of regenerating
goldfish axons is inhibited by rat oligodendrocytes and CNSmyelin but not but not by
goldfish optic nerve tract oligodendrocytelike cells and fish CNS myelin. J. Neurosci.
11, 626–640.

Battisti, W.P., Wang, J., Bozek, K., Murray, M., 1995. Macrophages, microglia, and astro-
cytes are rapidly activated after crush injury of the goldfish optic nerve: a light and
electron microscopic analysis. J. Comp. Neurol. 354, 306–320.

Becker, T., Becker, C.G., 2001. Regenerating descending axons preferentially reroute to the
gray matter in the presence of a general macrophage/microglial reaction caudal to a
spinal transection in adult zebrafish. J. Comp. Neurol. 433, 131–147.

Becker, C.G., Becker, T., 2002. Repellent guidance of regenerating optic axons by chondroi-
tin sulfate glycosaminoglycans in zebrafish. J. Neurosci. 22, 842–853.

Becker, T., Bernhardt, R.R., Reinhard, E., Wullimann, M.F., Tongiorgi, E., Schachner, M.,
1998. Readiness of zebrafish brain neurons to regenerate a spinal axon correlates
with differential expression of specific cell recognition molecules. J. Neurosci. 18,
5789–5803.

Becker, T., Lieberoth, B.C., Becker, C.G., Schachner,M., 2005. Differences in the regenerative
response of neuronal cell populations and indications for plasticity in intraspinal neu-
rons after spinal cord transection in adult zebrafish. Mol. Cell. Neurosci. 30, 265–278.

Becker, C.G., Lieberoth, B.C., Morellini, F., Feldner, J., Becker, T., Schachner, M., 2004a. L1.1
is involved in spinal cord regeneration in adult zebrafish. J. Neurosci. 24, 7837–7842.

Becker, C.G., Schweitzer, J., Feldner, J., Schachner, M., Becker, T., 2004b. Tenascin-R as a re-
pellent guidance molecule for newly growing and regenerating optic axons in adult
zebrafish. Mol. Cell. Neurosci. 26, 376–389.

Becker, C.G., Meyer, R.L., Becker, T., 2000. Gradients of ephrin-A2 and ephrin-A5b mRNA
during retinotopic regeneration of the optic projection in adult zebrafish. J. Comp.
Neurol. 427, 469–483.

Becker, C.G., Schweitzer, J., Feldner, J., Becker, T., Schachner, M., 2003. Tenascin-R as a re-
pellent guidance molecule for developing optic axons in zebrafish. J. Neurosci. 23,
6232–6237.

Becker, T., Wullimann, M.F., Becker, C.G., Bernhardt, R.R., Schachner, M., 1997. Axonal re-
growth after spinal cord transection in adult zebrafish. J. Comp. Neurol. 377, 577–595.

Bernhardt, R.R., Tongiorgi, E., Anzini, P., Schachner, M., 1996. Increased expression of spe-
cific recognitionmolecules by retinal ganglion cells and by optic pathway glia accom-
panies the successful regeneration of retinal axons in adult zebrafish. J. Comp. Neurol.
376, 253–264.

Bernstein, J.J., 1964. Relation of spinal cord regeneration to age in adult goldfish. Exp.
Neurol. 9, 161–174.

Bernstein, J.J., Gelderd, J.B., 1970. Regeneration of the long spinal tracts in the goldfish.
Brain Res. 20, 33–38.

Bhatt, D.H., Otto, S.J., Depoister, B., Fetcho, J.R., 2004. Cyclic AMP-induced repair of
zebrafish spinal circuits. Science 305, 254–258.

Bisby, M.A., Chen, S., 1990. Delayed Wallerian degeneration in sciatic nerves of C57BL/Ola
mice is associatedwith impaired regeneration of sensory axons. Brain Res. 530, 117–120.

Blackmore, M.G., Wang, Z., Lerch, J.K., Motti, D., Zhang, Y.P., Shields, C.B., Lee, J.K.,
Goldberg, J.L., Lemmon, V.P., Bixby, J.L., 2012. Krüppel-like Factor 7 engineered for
transcriptional activation promotes axon regeneration in the adult corticospinal
tract. Proc. Natl. Acad. Sci. U. S. A. 109, 7517–7522.

Blaugrund, E., Lavie, V., Cohen, I., Solomon, A., Schreyer, D.J., Schwartz, M., 1993. Axonal
regeneration is associated with glial migration: comparison between the injured
optic nerves of fish and rats. J. Comp. Neurol. 330, 105–112.

Borgens, R.B., Blight, A.R., McGinnis, M.E., 1987. Behavioral recovery induced by applied
electric fields after spinal cord hemisection in guinea pig. Science 238, 366–369.

Borgens, R.B., Roederer, E., Cohen, M.J., 1981. Enhanced spinal cord regeneration in lam-
prey by applied electric fields. Science 213, 611–617.

Briona, L.K., Dorsky, R.I., 2014. Radial glial progenitors repair the zebrafish spinal cord fol-
lowing transection. Exp. Neurol. 256, 81–92.

Brown, M.C., Lunn, E.R., Perry, V.H., 1992. Consequences of slow Wallerian degeneration
for regenerating motor and sensory axons. J. Neurobiol. 23, 521–536.

Ceci, M.L., Mardones-Krsulovic, C., Sánchez, M., Valdivia, L.E., Allende, M.L., 2014. Axon–
Schwann cell interactions during peripheral nerve regeneration in zebrafish larvae.
Neural Dev. 9, 22.

Chen, S., Bisby, M.A., 1993. Impaired motor axon regeneration in the C57BL/Ola mouse.
J. Comp. Neurol. 333, 449–454.

Chen, Z., Lee, H., Henle, S.J., Cheever, T.R., Ekker, S.C., Henley, J.R., 2013. Primary neuron
culture for nerve growth and axon guidance studies in zebrafish (Danio rerio). PLoS
One 8, e57539.

Chung, W.-S., Clarke, L.E., Wang, G.X., Stafford, B.K., Sher, A., Chakraborty, C., Joung, J., Foo,
L.C., Thompson, A., Chen, C., Smith, S.J., Barres, B.A., 2013. Astrocytes mediate synapse
elimination through MEGF10 and MERTK pathways. Nature 504, 394–400.

Cohen, A., Sivron, T., Duvdevani, R., Schwartz, M., 1990. Oligodendrocyte cytotoxic factor
associated with fish optic nerve regeneration: implications for mammalian CNS re-
generation. Brain Res. 537, 24–32.
Cohen, I., Sivron, T., Lavie, V., Blaugrund, E., Schwartz, M., 1994. Vimentin immunoreactive
glial-cells in the fish optic-nerve — implications for regeneration. Glia 10, 16–29.

Cregg, J.M., DePaul, M.A., Filous, A.R., Lang, B.T., Tran, A., Silver, J., 2014. Functional regen-
eration beyond the glial scar. Exp. Neurol. 253, 197–207.

David, S., Aguayo, A.J., 1981. Axonal elongation into peripheral nervous-system bridges
after central nervous-system injury in adult-rats. Science 214, 931–933.

Davis Jr., G.R., McClellan, A.D., 1993. Time course of anatomical regeneration of descend-
ing brainstem neurons and behavioral recovery in spinal-transected lamprey. Brain
Res. 602, 131–137.

Dawson, A.J., Meyer, R.L., 2001. Regenerating optic fibers correct large-scale errors by ran-
dom growth: evidence from in vivo imaging. J. Comp. Neurol. 434, 40–55.

Dawson, A.J., Meyer, R.L., 2008. Growth dynamics and morphology of regenerating optic
fibers in tectum are altered by injury conditions: an in vivo imaging study in goldfish.
Exp. Neurol. 210, 592–601.

Dawson, A.J., Miotke, J.A., Meyer, R.L., 2015. Intraocular BDNF promotes ectopic branching,
alters motility and stimulates abnormal collaterals in regenerating optic fibers. Brain
Res. 1613, 13–26.

Dervan, A.G., Roberts, B.L., 2003. Reaction of spinal cord central canal cells to cord transec-
tion and their contribution to cord regeneration. J. Comp. Neurol. 458, 293–306.

Diekmann, H., Kalbhen, P., Fischer, D., 2015a. Activemechanistic target of rapamycin plays
an ancillary rather than essential role in zebrafish CNS axon regeneration. Front. Cell.
Neurosci. 9, 251.

Diekmann, H., Kalbhen, P., Fischer, D., 2015b. Characterization of optic nerve regeneration
using transgenic zebrafish. Front. Cell. Neurosci. 9, 118.

Doyle, L.M.F., Roberts, B.L., 2006. Exercise enhances axonal growth and functional recov-
ery in the regenerating spinal cord. Neuroscience 141, 321–327.

Edwards, D.L., Grafstein, B., 1983. Intraocular tetrodotoxin in goldfish hinders optic nerve
regeneration. Brain Res. 269, 1–14.

Edwards, D.L., Alpert, R.M., Grafstein, B., 1981. Recovery of vision in regeneration of gold-
fish optic axons: enhancement of axonal outgrowth by a conditioning lesion. Exp.
Neurol. 72, 672–686.

Eitan, S., Schwartz, M., 1993. A transglutaminase that converts interleukin-2 into a factor
cytotoxic to oligodendrocytes. Science 261, 106–108.

Eitan, S., Solomon, A., Lavie, V., Yoles, E., Hirschberg, D.L., Belkin, M., Schwartz, M., 1994.
Recovery of visual response of injured adult rat optic nerves treated with
transglutaminase. Science 264, 1764–1768.

Eitan, S., Zisling, R., Cohen, A., Belkin, M., Hirschberg, D.L., Lotan, M., Schwartz, M., 1992.
Identification of an interleukin 2-like substance as a factor cytotoxic to oligodendro-
cytes and associated with central nervous system regeneration. Proc. Natl. Acad. Sci.
U. S. A. 89, 5442–5446.

Elsaeidi, F., Bemben, M.A., Zhao, X.-F., Goldman, D., 2014. Jak/Stat signaling stimulates
zebrafish optic nerve regeneration and overcomes the inhibitory actions of Socs3
and Sfpq. J. Neurosci. 34, 2632–2644.

Fang, P., Lin, J.-F., Pan, H.-C., Shen, Y.-Q., Schachner, M., 2012. A surgery protocol for adult
zebrafish spinal cord injury. J. Genet. Genomics 39, 481–487.

Faucherre, A., Pujol-Martí, J., Kawakami, K., López-Schier, H., 2009. Afferent neurons of the
zebrafish lateral line are strict selectors of hair-cell orientation. PLoS One 4, e4477.

Fawcett, J.W., Rokos, J., Bakst, I., 1989. Oligodendrocytes repel axons and cause axonal
growth cone collapse. J. Cell Sci. 92 (Pt 1), 93–100.

Fricke, C., Lee, J.S., Geiger-Rudolph, S., Bonhoeffer, F., Chien, C.B., 2001. Astray, a zebrafish
roundabout homolog required for retinal axon guidance. Science 292, 507–510.

Giger, R.J., Hollis II, E.R., Tuszynski, M.H., 2010. Guidance molecules in axon regeneration.
Cold Spring Harb. Perspect. Biol. 2, a001867.

Goldberg, J.L., Barres, B.A., 2000. The relationship between neuronal survival and regener-
ation. Annu. Rev. Neurosci. 23, 579–612.

Goldberg, J.L., Espinosa, J.S., Xu, Y., Davidson, N., Kovacs, G.T.A., Barres, B.A., 2002. Retinal
ganglion cells do not extend axons by default: promotion by neurotrophic signaling
and electrical activity. Neuron 33, 689–702.

Goldman, D., Hankin, M., Li, Z., Dai, X., Ding, J., 2001. Transgenic zebrafish for studying
nervous system development and regeneration. Transgenic Res. 10, 21–33.

Goldshmit, Y., Frisca, F., Pinto, A.R., Pébay, A., Tang, J.-K.K.Y., Siegel, A.L., Kaslin, J.,
Currie, P.D., 2014. Fgf2 improves functional recovery-decreasing gliosis and in-
creasing radial glia and neural progenitor cells after spinal cord injury. Brain
Behav. 4, 187–200.

Goldshmit, Y., Sztal, T.E., Jusuf, P.R., Hall, T.E., Nguyen-Chi, M., Currie, P.D., 2012. Fgf-
dependent glial cell bridges facilitate spinal cord regeneration in zebrafish.
J. Neurosci. 32, 7477–7492.

Gonzales, A.P.W., Yeh, J.-R.J., 2014. Cas9-based genome editing in zebrafish. Methods
Enzymol. 546, 377–413.

Gordon, T., English, A.W., 2015. Strategies to promote peripheral nerve regeneration:
electrical stimulation and/or exercise. Eur. J. Neurosci. http://dx.doi.org/10.1111/ejn.
13005.

Graciarena, M., Dambly-Chaudière, C., Ghysen, A., 2014. Dynamics of axonal regeneration
in adult and aging zebrafish reveal the promoting effect of a first lesion. Proc. Natl.
Acad. Sci. U. S. A. 111, 1610–1615.

Gutmann, E., 1942. Factors affecting recovery of motor function after nerve lesions.
J. Neurol. Psychiatry 5, 81–95.

Hannila, S.S., Filbin, M.T., 2008. The role of cyclic AMP signaling in promoting axonal re-
generation after spinal cord injury. Exp. Neurol. 209, 321–332.

Heacock, A.M., Agranoff, B.W., 1976. Enhanced labeling of a retinal protein during regen-
eration of optic nerve in goldfish. Proc. Natl. Acad. Sci. U. S. A. 73, 828–832.

Heacock, A.M., Agranoff, B.W., 1982. Protein synthesis and transport in the regenerating
goldfish visual system. Neurochem. Res. 7, 771–788.

Hoffman, P.N., 2010. A conditioning lesion induces changes in gene expression and axonal
transport that enhance regeneration by increasing the intrinsic growth state of axons.
Exp. Neurol. 223, 11–18.

http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0005
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0005
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0005
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0010
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0010
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0010
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0015
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0015
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0020
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0020
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0025
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0025
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0025
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0025
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0030
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0030
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0030
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0035
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0035
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0035
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0040
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0040
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0045
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0045
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0045
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0050
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0050
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0050
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0055
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0055
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0060
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0060
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0060
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0065
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0065
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0065
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0070
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0070
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0070
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0075
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0075
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0080
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0080
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0080
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0080
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0085
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0085
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0090
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0090
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0095
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0095
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0100
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0100
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0105
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0105
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0105
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0110
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0110
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0110
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0115
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0115
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0120
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0120
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0125
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0125
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0130
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0130
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0135
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0135
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0135
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0140
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0140
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0145
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0145
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0145
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0150
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0150
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0155
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0155
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0155
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0160
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0160
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0165
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0165
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0170
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0170
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0175
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0175
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0175
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0180
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0180
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0185
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0185
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0185
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0190
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0190
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0190
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0195
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0195
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0200
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0200
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0200
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0205
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0205
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0210
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0210
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0215
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0215
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0220
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0220
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0220
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0225
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0225
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0230
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0230
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0235
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0235
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0235
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0240
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0240
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0240
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0245
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0245
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0250
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0250
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0255
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0255
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0260
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0260
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0265
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0265
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0270
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0270
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0275
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0275
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0275
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0280
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0280
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0285
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0285
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0285
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0290
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0290
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0290
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0295
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0295
http://dx.doi.org/10.1111/ejn.13005
http://dx.doi.org/10.1111/ejn.13005
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0305
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0305
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0305
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0310
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0310
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0315
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0315
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0320
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0320
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0325
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0325
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0330
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0330
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0330


328 J.P. Rasmussen, A. Sagasti / Experimental Neurology 287 (2017) 318–330
Hooker, D., 1932. Spinal cord regeneration in the young rainbow fish, Lebistes reticulatus.
J. Comp. Neurol. 56, 277–297.

Hsu, C.C., Pai, W.Y., Lai, C.Y., Lu, M.W., Her, G.M., 2013. Genetic characterization and
in vivo image analysis of novel zebrafish Danio rerio pigment mutants. J. Fish Biol.
82, 1671–1683.

Hui, S.P., Sengupta, D., Lee, S.G.P., Sen, T., Kundu, S., Mathavan, S., Ghosh, S., 2014. Genome
wide expression profiling during spinal cord regeneration identifies comprehensive
cellular responses in zebrafish. PLoS One 9, e84212.

Isaacman-Beck, J., Schneider, V., Franzini-Armstrong, C., Granato, M., 2015. The lh3 glyco-
syltransferase directs target-selective peripheral nerve regeneration. Neuron http://
dx.doi.org/10.1016/j.neuron.2015.10.004.

Jessen, K.R., Mirsky, R., Lloyd, A.C., 2015. Schwann cells: development and role in nerve
repair. Cold Spring Harb. Perspect. Biol. 7, a020487.

Jin, L.-Q., Zhang, G., Jamison Jr., C., Takano, H., Haydon, P.G., Selzer, M.E., 2009. Axon regen-
eration in the absence of growth cones: acceleration by cyclic AMP. J. Comp. Neurol.
515, 295–312.

Johnson, F.A., Dawson, A.J., Meyer, R.L., 1999. Activity-dependent refinement in the gold-
fish retinotectal system is mediated by the dynamic regulation of processes with-
drawal: an in vivo imaging study. J. Comp. Neurol. 406, 548–562.

Kato, S., Matsukawa, T., Koriyama, Y., Sugitani, K., Ogai, K., 2013. A molecular mechanism
of optic nerve regeneration in fish: the retinoid signaling pathway. Prog. Retin. Eye
Res. 37, 13–30.

Katoh-Semba, R., Matsuda, M., Kato, K., Oohira, A., 1995. Chondroitin sulphate proteogly-
cans in the rat brain: candidates for axon barriers of sensory neurons and the possible
modification by laminin of their actions. Eur. J. Neurosci. 7, 613–621.

Kawai, H., Arata, N., Nakayasu, H., 2001. Three-dimensional distribution of astrocytes in
zebrafish spinal cord. Glia 36, 406–413.

Kim, J.E., Li, S., GrandPré, T., Qiu, D., Strittmatter, S.M., 2003. Axon regeneration in young
adult mice lacking Nogo-A/B. Neuron 38, 187–199.

King, C., Lacey, R., Rodger, J., Bartlett, C., Dunlop, S., Beazley, L., 2004. Characterisation of
tectal ephrin-A2 expression during optic nerve regeneration in goldfish: implications
for restoration of topography. Exp. Neurol. 187, 380–387.

King, C.E., Wallace, A., Rodger, J., Bartlett, C., Beazley, L.D., Dunlop, S.A., 2003. Transient up-
regulation of retinal EphA3 and EphA5, but not ephrin-A2, coincides with re-
establishment of a topographic map during optic nerve regeneration in goldfish.
Exp. Neurol. 183, 593–599.

Koch, J.C., Solis, G.P., Bodrikov, V., Michel, U., Haralampieva, D., Shypitsyna, A., Tönges, L.,
Bähr, M., Lingor, P., Stuermer, C.A.O., 2013. Upregulation of reggie-1/flotillin-2 pro-
motes axon regeneration in the rat optic nerve in vivo and neurite growth in vitro.
Neurobiol. Dis. 51, 168–176.

Kok, F.O., Shin, M., Ni, C.-W., Gupta, A., Grosse, A.S., van Impel, A., Kirchmaier, B.C.,
Peterson-Maduro, J., Kourkoulis, G., Male, I., DeSantis, D.F., Sheppard-Tindell, S.,
Ebarasi, L., Betsholtz, C., Schulte-Merker, S., Wolfe, S.A., Lawson, N.D., 2015. Reverse
genetic screening reveals poor correlation between morpholino-induced and mutant
phenotypes in zebrafish. Dev. Cell 32, 97–108.

Kucenas, S., 2015. Perineurial glia. Cold Spring Harb. Perspect. Biol. 7. http://dx.doi.org/10.
1101/cshperspect.a020511.

Kuscha, V., Barreiro-Iglesias, A., Becker, C.G., Becker, T., 2012. Plasticity of tyrosine hydrox-
ylase and serotonergic systems in the regenerating spinal cord of adult zebrafish.
J. Comp. Neurol. 520, 933–951.

Kusik, B.W., Hammond, D.R., Udvadia, A.J., 2010. Transcriptional regulatory regions of gap43
needed in developing and regenerating retinal ganglion cells. Dev. Dyn. 239, 482–495.

Lanners, H.N., Grafstein, B., 1980. Effect of a conditioning lesion on regeneration of gold-
fish optic axons: ultrastructural evidence of enhanced outgrowth and pinocytosis.
Brain Res. 196, 547–553.

Lau, B.Y.B., Fogerson, S.M., Walsh, R.B., Morgan, J.R., 2013. Cyclic AMP promotes axon re-
generation, lesion repair and neuronal survival in lampreys after spinal cord injury.
Exp. Neurol. 250, 31–42.

Lehmann, F., Gäthje, H., Kelm, S., Dietz, F., 2004. Evolution of sialic acid-binding proteins:
molecular cloning and expression of fish siglec-4. Glycobiology 14, 959–968.

Lemmens, K., Bollaerts, I., Bhumika, S., De Groef, L., Van Houcke, J., Darras, V.M., Van Hove,
I., Moons, L., 2015. Matrix metalloproteinases as promising regulators of axonal re-
growth in the injured adult zebrafish retinotectal system. J. Comp. Neurol. http://
dx.doi.org/10.1002/cne.23920.

Lewis, G.M., Kucenas, S., 2013. Motor nerve transection and time-lapse imaging of glial
cell behaviors in live zebrafish. J. Vis. Exp. http://dx.doi.org/10.3791/50621.

Lewis, G.M., Kucenas, S., 2014. Perineurial glia are essential for motor axon regrowth fol-
lowing nerve injury. J. Neurosci. 34, 12762–12777.

Li, Y., Irwin, N., Yin, Y., Lanser, M., Benowitz, L.I., 2003. Axon regeneration in goldfish and
rat retinal ganglion cells: differential responsiveness to carbohydrates and cAMP.
J. Neurosci. 23, 7830–7838.

Liu, K., Tedeschi, A., Park, K.K., He, Z., 2011. Neuronal intrinsic mechanisms of axon regen-
eration. Annu. Rev. Neurosci. 34, 131–152.

Liu, D., Yu, Y., Schachner, M., 2014. Ptena, but not Ptenb, reduces regeneration after spinal
cord injury in adult zebrafish. Exp. Neurol. 261, 196–205.

Lorenzana, A.O., Lee, J.K., Mui, M., Chang, A., Zheng, B., 2015. A surviving intact branch sta-
bilizes remaining axon architecture after injury as revealed by in vivo imaging in the
mouse spinal cord. Neuron 86, 947–954.

Lurie, D.I., Pijak, D.S., Selzer, M.E., 1994. Structure of reticulospinal axon growth cones and
their cellular environment during regeneration in the lamprey spinal cord. J. Comp.
Neurol. 344, 559–580.

Lyons, D.A., Talbot, W.S., 2015. Glial cell development and function in zebrafish. Cold
Spring Harb. Perspect. Biol. 7, a020586.

Lyons, D.A., Pogoda, H.-M., Voas, M.G., Woods, I.G., Diamond, B., Nix, R., Arana, N., Jacobs,
J., Talbot, W.S., 2005. erbb3 and erbb2 are essential for schwann cell migration and
myelination in zebrafish. Curr. Biol. 15, 513–524.
Marquart, G.D., Tabor, K.M., Brown, M., Strykowski, J.L., Varshney, G.K., LaFave, M.C.,
Mueller, T., Burgess, S.M., Higashijima, S.-I., Burgess, H.A., 2015. A 3D searchable data-
base of transgenic zebrafish Gal4 and Cre lines for functional neuroanatomy studies.
Front. Neural Circ. 9, 78.

Martin, S.M., O'Brien, G.S., Portera-Cailliau, C., Sagasti, A., 2010. Wallerian degeneration of
zebrafish trigeminal axons in the skin is required for regeneration and developmental
pruning. Development 137, 3985–3994.

Matsukawa, T., Arai, K., Koriyama, Y., Liu, Z., Kato, S., 2004a. Axonal regeneration of fish
optic nerve after injury. Biol. Pharm. Bull. 27, 445–451.

Matsukawa, T., Sugitani, K., Mawatari, K., Koriyama, Y., Liu, Z., Tanaka, M., Kato, S., 2004b.
Role of purpurin as a retinol-binding protein in goldfish retina during the early stage
of optic nerve regeneration: its priming action on neurite outgrowth. J. Neurosci. 24,
8346–8353.

Mazaheri, F., Breus, O., Durdu, S., Haas, P., Wittbrodt, J., Gilmour, D., Peri, F., 2014. Distinct
roles for BAI1 and TIM-4 in the engulfment of dying neurons by microglia. Nat.
Commun. 5, 4046.

McKeon, R.J., Jurynec, M.J., Buck, C.R., 1999. The chondroitin sulfate proteoglycans
neurocan and phosphacan are expressed by reactive astrocytes in the chronic CNS
glial scar. J. Neurosci. 19, 10778–10788.

McQuarrie, I.G., Grafstein, B., 1981. Effect of a conditioning lesion on optic nerve regener-
ation in goldfish. Brain Res. 216, 253–264.

Meyer, R.L., 1983. Tetrodotoxin inhibits the formation of refined retinotopography in
goldfish. Brain Res. 282, 293–298.

Meyer, R.L., Kageyama, G.H., 1999. Large-scale synaptic errors during map formation by
regeneration optic axons in the goldfish. J. Comp. Neurol. 409, 299–312.

Meyer, R.L., Sakurai, K., Schauwecker, E., 1985. Topography of regenerating optic fibers in
goldfish traced with local wheat germ injections into retina: evidence for discontin-
uous microtopography in the retinotectal projection. J. Comp. Neurol. 239, 27–43.

Misgeld, T., Nikic, I., Kerschensteiner, M., 2007. In vivo imaging of single axons in the
mouse spinal cord. Nat. Protoc. 2, 263–268.

Moore, D.L., Apara, A., Goldberg, J.L., 2011. Krüppel-like transcription factors in the ner-
vous system: novel players in neurite outgrowth and axon regeneration. Mol. Cell.
Neurosci. 47, 233–243.

Moore, D.L., Blackmore, M.G., Hu, Y., Kaestner, K.H., Bixby, J.L., Lemmon, V.P., Goldberg, J.L.,
2009. KLF family members regulate intrinsic axon regeneration ability. Science 326,
298–301.

Munderloh, C., Solis, G.P., Bodrikov, V., Jaeger, F.A., Wiechers, M., Málaga-Trillo, E.,
Stuermer, C.A.O., 2009. Reggies/flotillins regulate retinal axon regeneration in the
zebrafish optic nerve and differentiation of hippocampal and N2a neurons.
J. Neurosci. 29, 6607–6615.

Münzel, E.J., Becker, C.G., Becker, T., Williams, A., 2014. Zebrafish regenerate full thickness
optic nerve myelin after demyelination, but this fails with increasing age. Acta
Neuropathol. Commun. 2, 77.

Nagashima, M., Mawatari, K., Tanaka, M., Higashi, T., Saito, H., Muramoto, K.-I.,
Matsukawa, T., Koriyama, Y., Sugitani, K., Kato, S., 2009a. Purpurin is a key molecule
for cell differentiation during the early development of zebrafish retina. Brain Res.
1302, 54–63.

Nagashima, M., Saito, J., Mawatari, K., Mori, Y., Matsukawa, T., Koriyama, Y., Kato, S., 2010.
A hypoplastic retinal lamination in the purpurin knock down embryo in zebrafish.
Adv. Exp. Med. Biol. 664, 517–524.

Nagashima, M., Sakurai, H., Mawatari, K., Koriyama, Y., Matsukawa, T., Kato, S., 2009b. In-
volvement of retinoic acid signaling in goldfish optic nerve regeneration. Neurochem.
Int. 54, 229–236.

Nagiel, A., Andor-Ardó, D., Hudspeth, A.J., 2008. Specificity of afferent synapses onto
plane-polarized hair cells in the posterior lateral line of the zebrafish. J. Neurosci.
28, 8442–8453.

Neumann, S., Woolf, C.J., 1999. Regeneration of dorsal column fibers into and beyond the
lesion site following adult spinal cord injury. Neuron 23, 83–91.

Niethammer, P., Grabher, C., Look, A.T., Mitchison, T.J., 2009. A tissue-scale gradient of hy-
drogen peroxide mediates rapid wound detection in zebrafish. Nature 459, 996–999.

O'Brien, G.S., Martin, S.M., Söllner, C., Wright, G.J., Becker, C.G., Portera-Cailliau, C., Sagasti,
A., 2009a. Developmentally regulated impediments to skin reinnervation by injured
peripheral sensory axon terminals. Curr. Biol. 19, 2086–2090.

O'Brien, G.S., Rieger, S., Martin, S.M., Cavanaugh, A.M., Portera-Cailliau, C., Sagasti, A.,
2009b. Two-photon axotomy and time-lapse confocal imaging in live zebrafish em-
bryos. J. Vis. Exp. http://dx.doi.org/10.3791/1129.

Oliphint, P.A., Alieva, N., Foldes, A.E., Tytell, E.D., Lau, B.Y.-B., Pariseau, J.S., Cohen,
A.H., Morgan, J.R., 2010. Regenerated synapses in lamprey spinal cord are sparse
and small even after functional recovery from injury. J. Comp. Neurol. 518,
2854–2872.

Otsuna, H., Hutcheson, D.A., Duncan, R.N., McPherson, A.D., Scoresby, A.N., Gaynes, B.F.,
Tong, Z., Fujimoto, E., Kwan, K.M., Chien, C.-B., Dorsky, R.I., 2015. High-resolution
analysis of central nervous system expression patterns in zebrafish Gal4 enhancer-
trap lines. Dev. Dyn. 244, 785–796.

Pale, T., Frisch, E.B., McClellan, A.D., 2013. Cyclic AMP stimulates neurite outgrowth of
lamprey reticulospinal neurons without substantially altering their biophysical prop-
erties. Neuroscience 245, 74–89.

Paschke, K.A., Lottspeich, F., Stuermer, C., 1992. Neurolin, a cell-surface glycoprotein on
growing retinal axons in the goldfish visual-system, is reexpressed during retinal ax-
onal regeneration. J. Cell Biol. 117, 863–875.

Pasterkamp, R.J., Verhaagen, J., 2001. Emerging roles for semaphorins in neural regenera-
tion. Brain Res. Brain Res. Rev. 35, 36–54.

Pathi, S.S., Jose, S., Govindaraju, S., Conde, J.A., Romo, H.E., Chamakura, K.R., Claunch, C.J.,
Benito-Martín, A., Challa-Malladi, M., González-García, M., Ballestero, R.P., 2012.
zRICH, a protein induced during optic nerve regeneration in zebrafish, promotes
neuritogenesis and interacts with tubulin. Brain Res. 1474, 29–39.

http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0335
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0335
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0340
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0340
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0340
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0345
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0345
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0345
http://dx.doi.org/10.1016/j.neuron.2015.10.004
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0355
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0355
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0360
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0360
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0360
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0365
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0365
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0365
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0370
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0370
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0370
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0375
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0375
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0375
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0380
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0380
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0385
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0385
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0390
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0390
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0390
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0395
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0395
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0395
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0395
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0400
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0400
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0400
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0405
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0405
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0405
http://dx.doi.org/10.1101/cshperspect.a020511
http://dx.doi.org/10.1101/cshperspect.a020511
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0415
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0415
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0415
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0420
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0420
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0425
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0425
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0425
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0430
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0430
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0430
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0435
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0435
http://dx.doi.org/10.1002/cne.23920
http://dx.doi.org/10.3791/50621
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0450
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0450
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0455
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0455
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0455
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0460
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0460
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0465
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0465
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0470
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0470
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0470
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0475
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0475
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0475
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0480
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0480
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0485
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0485
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0490
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0490
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0490
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0495
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0495
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0495
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0500
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0500
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0505
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0505
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0505
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0510
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0510
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0510
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0515
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0515
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0515
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0520
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0520
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0525
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0525
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0530
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0530
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0535
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0535
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0535
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0540
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0540
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0545
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0545
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0545
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0550
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0550
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0555
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0555
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0555
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0560
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0560
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0560
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0565
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0565
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0565
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0570
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0570
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0575
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0575
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0575
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0580
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0580
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0580
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0585
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0585
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0590
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0590
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0595
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0595
http://dx.doi.org/10.3791/1129
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0605
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0605
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0605
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0610
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0610
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0610
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0615
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0615
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0615
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0620
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0620
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0620
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0625
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0625
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0630
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0630


329J.P. Rasmussen, A. Sagasti / Experimental Neurology 287 (2017) 318–330
Patodia, S., Raivich, G., 2012. Downstream effector molecules in successful peripheral
nerve regeneration. Cell Tissue Res. 349, 15–26.

Peri, F., Nüsslein-Volhard, C., 2008. Live imaging of neuronal degradation by microglia re-
veals a role for v0-ATPase a1 in phagosomal fusion in vivo. Cell 133, 916–927.

Petrausch, B., Tabibiazar, R., Roser, T., Jing, Y., Goldman, D., Stuermer, C.A., Irwin, N.,
Benowitz, L.I., 2000. A purine-sensitive pathway regulates multiple genes involved
in axon regeneration in goldfish retinal ganglion cells. J. Neurosci. 20, 8031–8041.

Pinzón-Olejua, A., Welte, C., Abdesselem, H., Málaga-Trillo, E., Stuermer, C.A., 2014. Essen-
tial roles of zebrafish rtn4/Nogo paralogues in embryonic development. Neural Dev.
9, 8.

Pope, H.M., Voigt, M.M., 2014. Peripheral glia have a pivotal role in the initial response to
axon degeneration of peripheral sensory neurons in zebrafish. PLoS One 9, e103283.

Pujol-Martí, J., Faucherre, A., Aziz-Bose, R., Asgharsharghi, A., Colombelli, J., Trapani, J.G.,
López-Schier, H., 2014. Converging axons collectively initiate and maintain synaptic
selectivity in a constantly remodeling sensory organ. Curr. Biol. 24, 2968–2974.

van Raamsdonk,W., Maslam, S., de Jong, D.H., Smit-Onel, M.J., Velzing, E., 1998. Long term
effects of spinal cord transection in zebrafish: swimming performances, andmetabol-
ic properties of the neuromuscular system. Acta Histochem. 100, 117–131.

Rasmussen, J.P., Sack, G.S., Martin, S.M., Sagasti, A., 2015. Vertebrate epidermal cells are
broad-specificity phagocytes that clear sensory axon debris. J. Neurosci. 35, 559–570.

Reimer,M.M., Kuscha, V., Wyatt, C., Sörensen, I., Frank, R.E., Knüwer, M., Becker, T., Becker,
C.G., 2009. Sonic hedgehog is a polarized signal for motor neuron regeneration in
adult zebrafish. J. Neurosci. 29, 15073–15082.

Rieger, S., Sagasti, A., 2011. Hydrogen peroxide promotes injury-induced peripheral sen-
sory axon regeneration in the zebrafish skin. PLoS Biol. 9, e1000621.

Rodger, J., Bartlett, C.A., Beazley, L.D., Dunlop, S.A., 2000. Transient up-regulation of the
rostrocaudal gradient of ephrin A2 in the tectum coincides with reestablishment of
orderly projections during optic nerve regeneration in goldfish. Exp. Neurol. 166,
196–200.

Rodger, J., Goto, H., Cui, Q., Chen, P.B., Harvey, A.R., 2005. cAMP regulates axon outgrowth
and guidance during optic nerve regeneration in goldfish. Mol. Cell. Neurosci. 30,
452–464.

Rodger, J., Vitale, P.N., Tee, L.B.G., King, C.E., Bartlett, C.A., Fall, A., Brennan, C., O'Shea, J.E.,
Dunlop, S.A., Beazley, L.D., 2004. EphA/ephrin-A interactions during optic nerve re-
generation: restoration of topography and regulation of ephrin-A2 expression. Mol.
Cell. Neurosci. 25, 56–68.

Rosenberg, A.F., Isaacman-Beck, J., Franzini-Armstrong, C., Granato, M., 2014. Schwann
cells and deleted in colorectal carcinoma direct regenerating motor axons towards
their original path. J. Neurosci. 34, 14668–14681.

Rosenberg, A.F., Wolman, M.A., Franzini-Armstrong, C., Granato, M., 2012. In vivo nerve–
macrophage interactions following peripheral nerve injury. J. Neurosci. 32,
3898–3909.

Rosenzweig, S., Raz-Prag, D., Nitzan, A., Galron, R., Paz, M., Jeserich, G., Neufeld, G., Barzilai,
A., Solomon, A.S., 2010. Sema-3A indirectly disrupts the regeneration process of gold-
fish optic nerve after controlled injury. Graefes Arch. Clin. Exp. Ophthalmol. 248,
1423–1435.

Rossi, A., Kontarakis, Z., Gerri, C., Nolte, H., Hölper, S., Krüger, M., Stainier, D.Y.R., 2015. Ge-
netic compensation induced by deleterious mutations but not gene knockdowns. Na-
ture 524, 230–233.

Rovainen, C.M., 1976. Regeneration ofMüller andMauthner axons after spinal transection
in larval lampreys. J. Comp. Neurol. 168, 545–554.

Santiago, J.M., Torrado, A.I., Arocho, L.C., Rosas, O.R., Rodríguez, A.E., Toro, F.K., Salgado,
I.K., Torres, Y.A., Silva, W.I., Miranda, J.D., 2013. Expression profile of flotillin-2 and
its pathophysiological role after spinal cord injury. J. Mol. Neurosci. 49, 347–359.

Schmidt, J.T., Edwards, D.L., 1983. Activity sharpens the map during the regeneration of
the retinotectal projection in goldfish. Brain Res. 269, 29–39.

Schmidt, J.T., Edwards, D.L., Stuermer, C., 1983. The re-establishment of synaptic transmis-
sion by regenerating optic axons in goldfish: time course and effects of blocking ac-
tivity by intraocular injection of tetrodotoxin. Brain Res. 269, 15–27.

Schulte, T., Paschke, K.A., Laessing, U., Lottspeich, F., Stuermer, C.A., 1997. Reggie-1 and
reggie-2, two cell surface proteins expressed by retinal ganglion cells during axon re-
generation. Development 124, 577–587.

Schulte-Merker, S., Stainier, D.Y.R., 2014. Out with the old, in with the new: reassessing
morpholino knockdowns in light of genome editing technology. Development 141,
3103–3104.

Schwalb, J.M., Boulis, N.M., Gu, M.F., Winickoff, J., Jackson, P.S., Irwin, N., Benowitz, L.I.,
1995. Two factors secreted by the goldfish optic nerve induce retinal ganglion cells
to regenerate axons in culture. J. Neurosci. 15, 5514–5525.

Schwalb, J.M., Gu, M.F., Stuermer, C., Bastmeyer, M., Hu, G.F., Boulis, N., Irwin, N., Benowitz,
L.I., 1996. Optic nerve glia secrete a low-molecular-weight factor that stimulates ret-
inal ganglion cells to regenerate axons in goldfish. Neuroscience 72, 901–910.

Schwartz, M., Belkin, M., Harel, A., Solomon, A., Lavie, V., Hadani, M., Rachailovich, I., Stein-
Izsak, C., 1985. Regenerating fish optic nerves and a regeneration-like response in in-
jured optic nerves of adult rabbits. Science 228, 600–603.

Schweitzer, J., Becker, T., Lefebvre, J., Granato, M., Schachner, M., Becker, C.G., 2005.
Tenascin-C is involved in motor axon outgrowth in the trunk of developing zebrafish.
Dev. Dyn. 234, 550–566.

Selzer, M.E., 1978. Mechanisms of functional recovery and regeneration after spinal cord
transection in larval sea lamprey. J. Physiol. 277, 395–408.

Senut, M.-C., Gulati-Leekha, A., Goldman, D., 2004. An element in the alpha1-tubulin pro-
moter is necessary for retinal expression during optic nerve regeneration but not
after eye injury in the adult zebrafish. J. Neurosci. 24, 7663–7673.

Sharma, S.C., Jadhao, A.G., Rao, P.D., 1993. Regeneration of supraspinal projection neurons
in the adult goldfish. Brain Res. 620, 221–228.

Shen, K., Sidik, H., Talbot, W.S., 2016. The Rag-Ragulator complex regulates lysosome
function and phagocytic flux in microglia. Cell Rep. 14, 547–559.
Shifman, M.I., Selzer, M.E., 2007. Differential expression of class 3 and 4 semaphorins and
netrin in the lamprey spinal cord during regeneration. J. Comp. Neurol. 501, 631–646.

Shypitsyna, A., Málaga-Trillo, E., Reuter, A., Stuermer, C.A.O., 2011. Origin of Nogo-A by
domain shuffling in an early jawed vertebrate. Mol. Biol. Evol. 28, 1363–1370.

Sieger, D., Moritz, C., Ziegenhals, T., Prykhozhij, S., Peri, F., 2012. Long-range Ca2+ waves
transmit brain-damage signals to microglia. Dev. Cell 22, 1138–1148.

Simonen, M., Pedersen, V., Weinmann, O., Schnell, L., Buss, A., Ledermann, B., Christ, F.,
Sansig, G., van der Putten, H., Schwab, M.E., 2003. Systemic deletion of the myelin-
associated outgrowth inhibitor Nogo-A improves regenerative and plastic responses
after spinal cord injury. Neuron 38, 201–211.

Smith, P.D., Sun, F., Park, K.K., Cai, B., Wang, C., Kuwako, K., Martinez-Carrasco, I., Connolly,
L., He, Z., 2009. SOCS3 deletion promotes optic nerve regeneration in vivo. Neuron 64,
617–623.

Square, T., Romášek, M., Jandzik, D., Cattell, M.V., Klymkowsky, M., Medeiros, D.M., 2015.
CRISPR/Cas9-mediated mutagenesis in the sea lamprey Petromyzon marinus: a pow-
erful tool for understanding ancestral gene functions in vertebrates. Development
142, 4180–4187.

Stuermer, C.A.O., 2012. How reggies regulate regeneration and axon growth. Cell Tissue
Res. 349, 71–77.

Stuermer, C.A., Rohrer, B., Münz, H., 1990. Development of the retinotectal projection in
zebrafish embryos under TTX-induced neural-impulse blockade. J. Neurosci. 10,
3615–3626.

Tanaka, M., Murayama, D., Nagashima, M., Higashi, T., Mawatari, K., Matsukawa, T., Kato,
S., 2007. Purpurin expression in the zebrafish retina during early development and
after optic nerve lesion in adults. Brain Res. 1153, 34–42.

Tang, X., Davies, J.E., Davies, S.J.A., 2003. Changes in distribution, cell associations, and pro-
tein expression levels of NG2, neurocan, phosphacan, brevican, versican V2, and
tenascin-C during acute to chronic maturation of spinal cord scar tissue. J. Neurosci.
Res. 71, 427–444.

Tasdemir-Yilmaz, O.E., Freeman, M.R., 2014. Astrocytes engage unique molecular pro-
grams to engulf pruned neuronal debris from distinct subsets of neurons. Genes
Dev. 28, 20–33.

Tedeschi, A., Bradke, F., 2013. The DLK signalling pathway—a double-edged sword in neu-
ral development and regeneration. EMBO Rep. 14, 605–614.

Tuge, H., Hanzawa, S., 1937. Physiological and morphological regeneration of the sec-
tioned spinal cord in adult teleosts. J. Comp. Neurol. 67, 343–365.

Udvadia, A.J., 2008. 3.6 kb genomic sequence from Takifugu capable of promoting axon
growth-associated gene expression in developing and regenerating zebrafish neu-
rons. Gene Expr. Patterns 8, 382–388.

Vajn, K., Suler, D., Plunkett, J.A., Oudega, M., 2014. Temporal profile of endogenous ana-
tomical repair and functional recovery following spinal cord injury in adult zebrafish.
PLoS One 9, e105857.

Vargas, M.E., Barres, B.A., 2007.Why isWallerian degeneration in the CNS so slow? Annu.
Rev. Neurosci. 30, 153–179.

Veldman, M.B., Bemben, M.A., Goldman, D., 2010. Tuba1a gene expression is regulated by
KLF6/7 and is necessary for CNS development and regeneration in zebrafish. Mol.
Cell. Neurosci. 43, 370–383.

Veldman, M.B., Bemben, M.A., Thompson, R.C., Goldman, D., 2007. Gene expression anal-
ysis of zebrafish retinal ganglion cells during optic nerve regeneration identifies
KLF6a and KLF7a as important regulators of axon regeneration. Dev. Biol. 312,
596–612.

Villegas, R., Martin, S.M., O'Donnell, K.C., Carrillo, S.A., Sagasti, A., Allende, M.L., 2012. Dy-
namics of degeneration and regeneration in developing zebrafish peripheral axons
reveals a requirement for extrinsic cell types. Neural Dev. 7, 19.

Wanner, M., Lang, D.M., Bandtlow, C.E., Schwab, M.E., Bastmeyer, M., Stuermer, C.A., 1995.
Reevaluation of the growth-permissive substrate properties of goldfish optic nerve
myelin and myelin proteins. J. Neurosci. 15, 7500–7508.

Welte, C., Engel, S., Stuermer, C.A.O., 2015. Upregulation of the zebrafish Nogo-A homo-
logue, Rtn4b, in retinal ganglion cells is functionally involved in axon regeneration.
Neural Dev. 10, 6.

White, R.M., Sessa, A., Burke, C., Bowman, T., LeBlanc, J., Ceol, C., Bourque, C., Dovey, M.,
Goessling, W., Burns, C.E., Zon, L.I., 2008. Transparent adult zebrafish as a tool for
in vivo transplantation analysis. Cell Stem Cell 2, 183–189.

Williams, R.R., Venkatesh, I., Pearse, D.D., Udvadia, A.J., Bunge, M.B., 2015. MASH1/Ascl1a
leads to GAP43 expression and axon regeneration in the adult CNS. PLoS One 10,
e0118918.

Wilmot, G.R., Raymond, P.A., Agranoff, B.W., 1993. The expression of the protein p68/70
within the goldfish visual system suggests a role in both regeneration and
neurogenesis. J. Neurosci. 13, 387–401.

Wood, M.R., Cohen, M.J., 1979. Synaptic regeneration in identified neurons of the lamprey
spinal-cord. Science 206, 344–347.

Wood, M.R., Cohen, M.J., 1981. Synaptic regeneration and glial reactions in the transected
spinal cord of the lamprey. J. Neurocytol. 10, 57–79.

Wyatt, C., Ebert, A., Reimer, M.M., Rasband, K., Hardy, M., Chien, C.-B., Becker, T., Becker,
C.G., 2010. Analysis of the astray/robo2 zebrafish mutant reveals that degenerating
tracts do not provide strong guidance cues for regenerating optic axons. J. Neurosci.
30, 13838–13849.

Xiao, Y., Faucherre, A., Pola-Morell, L., Heddleston, J.M., Liu, T.-L., Chew, T.-L., Sato, F.,
Sehara-Fujisawa, A., Kawakami, K., López-Schier, H., 2015. High-resolution live imag-
ing reveals axon–glia interactions during peripheral nerve injury and repair in
zebrafish. Dis. Model. Mech. 8, 553–564.

Xu, H.-T., Pan, F., Yang, G., Gan, W.-B., 2007. Choice of cranial window type for in vivo
imaging affects dendritic spine turnover in the cortex. Nat. Neurosci. 10,
549–551.

Xu, C., Volkery, S., Siekmann, A.F., 2015. Intubation-based anesthesia for long-term time-
lapse imaging of adult zebrafish. Nat. Protoc. 10, 2064–2073.

http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0635
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0635
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0640
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0640
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0645
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0645
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0650
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0650
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0650
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0655
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0655
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0660
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0660
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0665
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0665
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0665
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0670
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0670
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0675
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0675
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0680
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0680
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0685
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0685
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0685
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0685
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0690
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0690
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0690
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0695
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0695
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0695
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0700
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0700
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0700
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0705
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0705
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0705
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0710
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0710
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0710
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0715
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0715
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0715
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0720
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0720
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0725
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0725
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0730
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0730
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0735
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0735
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0735
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0740
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0740
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0740
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0745
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0745
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0745
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0750
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0750
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0755
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0755
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0760
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0760
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0765
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0765
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0770
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0770
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0775
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0775
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0775
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0780
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0780
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0785
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0785
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0790
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0790
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0795
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0795
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0800
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0800
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0800
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0800
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0805
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0805
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0805
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0810
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0810
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0815
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0815
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0815
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0820
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0820
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0825
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0825
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0825
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0830
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0830
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0835
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0835
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0835
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0835
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0840
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0840
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0840
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0845
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0845
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0850
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0850
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0855
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0855
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0855
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0860
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0860
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0860
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0865
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0865
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0870
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0870
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0870
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0875
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0875
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0875
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0875
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0880
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0880
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0880
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0885
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0885
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0890
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0890
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0890
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0895
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0895
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0900
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0900
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0900
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0905
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0905
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0905
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0910
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0910
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0915
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0915
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0920
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0920
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0920
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0925
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0925
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0925
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0930
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0930
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0930
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0935
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0935


330 J.P. Rasmussen, A. Sagasti / Experimental Neurology 287 (2017) 318–330
Yoshimatsu, T., D'Orazi, F.D., Gamlin, C.R., Suzuki, S.C., Suli, A., Kimelman, D., Raible,
D.W., Wong, R.O., 2016. Presynaptic partner selection during retinal circuit reas-
sembly varies with timing of neuronal regeneration in vivo. Nat. Commun. 7,
10590.

Yu, Y.-M., Cristofanilli, M., Valiveti, A., Ma, L., Yoo, M., Morellini, F., Schachner, M., 2011b.
The extracellular matrix glycoprotein tenascin-C promotes locomotor recovery after
spinal cord injury in adult zebrafish. Neuroscience 183, 238–250.

Yu, Y.-M., Gibbs, K.M., Davila, J., Campbell, N., Sung, S., Todorova, T.I., Otsuka, S.,
Sabaawy, H.E., Hart, R.P., Schachner, M., 2011a. MicroRNA miR-133b is essential
for functional recovery after spinal cord injury in adult zebrafish. Eur. J. Neurosci.
33, 1587–1597.

Zhang, L., Palmer, R., McClellan, A.D., 2004. Conditioning lesions enhance axonal regener-
ation of descending brain neurons in spinal-cord-transected larval lamprey. J. Comp.
Neurol. 478, 395–404. http://dx.doi.org/10.1002/cne.20297.

Zheng, B., Ho, C., Li, S., Keirstead, H., Steward, O., Tessier-Lavigne, M., 2003. Lack of en-
hanced spinal regeneration in Nogo-deficient mice. Neuron 38, 213–224.

http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0940
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0940
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0940
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0945
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0945
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0950
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0950
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0950
http://dx.doi.org/10.1002/cne.20297
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0960
http://refhub.elsevier.com/S0014-4886(16)30044-9/rf0960

	Learning to swim, again: Axon regeneration in fish
	1. Introduction
	2. Why do axons regenerate so well in the fish CNS?
	2.1. Are inhibitory factors present in the fish CNS?
	2.2. Inhibitors of inhibitory factors in the CNS?
	2.3. Do positive cues promote axon regeneration in the fish CNS?

	3. Intrinsic pathways regulating axon regeneration in fish
	3.1. Physiological regulators of axon regeneration
	3.2. Conserved molecules and pathways regulate intrinsic axon growth potential
	3.3. Identifying new molecules regulating axon growth potential

	4. How do circuits rewire? Regenerating synapses and restoring function
	4.1. Functional measures of regeneration
	4.2. Axon guidance during regeneration
	4.3. Synaptic regeneration
	4.4. Reestablishment of synaptic specificity

	5. Dynamic cell behaviors during axon regeneration
	5.1. Coordination of axon regeneration with wound healing
	5.2. Cleaning up after axon degeneration
	5.3. Bridging cells promote axon regeneration
	5.4. More cellular behaviors to explore in fish?

	Acknowledgments
	References


